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Abstract 

 

Biofilms in the dairy and food industry, particularly those formed by Bacillus subtilis, present 

significant contamination and food safety challenges. This thesis investigates the impact of 

stainless steel surface properties, specifically oxide layer formation and surface roughness of 

polished coupons, on biofilm development. Bacillus subtilis SA 22 (NCA 72-52; DSM 4181) was 

cultivated using a CDC Biofilm Reactor® (BioSurface Technologies Corporation), with stainless 

steel coupons subjected to various treatments, including citric acid passivation, polishing, and 

chemical cleaning. Surface wettability was assessed through contact angle measurements, while 

biofilm growth was quantified using relative fluorescence units (RFU) and UV microscopy. 

Although surface treatments affected hydrophilicity, they did not significantly reduce biofilm 

formation. These results indicate that effective biofilm prevention in food processing environments 

requires more comprehensive strategies beyond surface modification. This study enhances 

understanding of microbial adhesion mechanisms and provides insights relevant to the design of 

safer food processing systems. 
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Popular Science Summary 

Imagine cleaning your kitchen, only to find that bacteria have returned stronger and harder to 

remove. This is the reality in the food and dairy industry, where tiny bacterial communities called 

biofilms can form stubborn layers on stainless steel equipment. These biofilms are especially hard 

to clean and can lead to spoiled food or even illness if left unchecked. 

This project focused on understanding how the surfaces used in dairy industries, specifically 

stainless steel, can be changed to stop bacteria like Bacillus subtilis from sticking and forming 

biofilms. Could polishing the steel or applying protective chemical layers make a difference? 

To find out, small steel coupons were cleaned, polished, or treated with citric acid (a mild acid 

found in lemons), then tested in a special reactor to grow bacteria under controlled conditions. We 

used techniques like water droplet tests (to see how wet or dry the surface is) and fluorescent dye 

(to make bacteria glow under UV light) to see how well the bacteria formed biofilms. 

The results were surprising: while some treatments changed how water interacted with the surface 

(making it more or less "wettable"), this didn’t always stop the bacteria from forming biofilms. In 

other words, cleaner or shinier surfaces didn’t automatically mean fewer bacteria. 

So, what does this mean? It suggests that keeping food processing equipment safe requires more 

than just polishing and cleaning. While surface treatments help, they must be combined with good 

hygiene practices and smart design choices. This research helps the industry take a step closer to 

safer, cleaner food production, and fewer invisible battles against bacteria. 
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1. Introduction and Theoretical background 

In the dairy industry, biofilms can act as a source of persistent contamination, leading to food 

spoilage and potentially posing public health risks, such as foodborne pathogen outbreaks. The 

resistant phenotype of biofilms makes them difficult to eliminate, and traditional cleaning and 

disinfection practices may often be insufficient, leading to inadequate biofilm removal and the 

spread of antimicrobial resistance (Simões et al., 2010).  

Biofilm formation is influenced by both microbial species and environmental factors, with surface 

properties playing a key role. In particular, surfaces with different characteristics, such as 

hydrophobicity, roughness, and the presence of oxide layers, significantly impact the attachment 

and development of biofilms. In this study, focus is placed on Bacillus subtilis, a spore-forming 

bacterium relevant in dairy processing due to its resistance to heat and cleaning agents. The type 

of surface, including the smoothness or roughness of the material, can alter how biofilms form, 

making it essential to assess commonly used materials in the food industry. Understanding the 

influence of surface properties, including oxide layer formation and hydrophobicity, on biofilm 

attachment and development is crucial for developing effective strategies to prevent biofilm 

formation and reduce contamination risks. 

1.1 Biofilm 

A biofilm is a structured community of microorganisms that adhere to a surface and are embedded 

within a self-produced matrix of extracellular polymeric substances (EPS) (Bridier et al., 2011). 

Biofilm formation through microbial surface attachment has been widely studied across diverse 

environments. Within this growth mode, microorganisms benefit from enhanced protection against 

environmental stresses and antimicrobial agents. The physiology and behavior of microbes within 

biofilms differ significantly from those of their planktonic (free-floating) counterparts, 

contributing to their persistence and adaptability in hostile conditions.  

According to Arampatzi et al., 2011, biofilm formation is a complex and highly regulated microbial 

process involving surface attachment, production of a self-generated matrix, and altered gene 

expression. Although the presence of microorganisms in structured communities was first 

observed by Anton van Leeuwenhoek in the 17th century, when he examined "animalcules" in 

dental plaque, the concept of biofilms remained underappreciated until it was formally introduced 
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by Costerton et al. (1978, as cited in Arampatzi et al., 2011). Today, it is widely accepted that 

majority of bacteria exist in surface-attached biofilms rather than in free-floating (planktonic) 

states. These sessile cells exhibit distinct physiological characteristics, including modified growth 

rates and gene expression profiles, which differentiate them from their planktonic counterparts. 

(Arampatzi et al., 2011). 

Costerton et al. (1987, as cited in Arampatzi et al., 2011) described biofilms as structured 

communities consisting of individual cells and microcolonies embedded in a highly hydrated, 

predominantly anionic exopolymer matrix. This matrix, mainly composed of polysaccharides, 

serves as a protective barrier, anchoring the bacteria to surfaces and shielding them from 

environmental threats such as antimicrobial agents and host immune responses. Characklis and 

Marshall (1990, as cited in Arampatzi et al., 2011) further contributed to the definition by 

highlighting the spatial and temporal heterogeneity within biofilms, as well as the incorporation of 

inorganic or abiotic materials into the matrix. (Arampatzi et al., 2011). 

The role of gene regulation in biofilm development was emphasized by Costerton and Lappin-

Scott (1995), who reported that adhesion to the surface activates the expression of specific genes 

responsible for producing bacterial components essential for biofilm formation. This underscores 

that biofilm development is not a random aggregation of cells, but a regulated process triggered 

during the initial stages of attachment. (Arampatzi et al., 2011). 

In alignment with these earlier studies, the International Union of Pure and Applied Chemistry 

(IUPAC) provided a formal definition in 2012, describing a biofilm as an aggregate of 

microorganisms in which the cells, often enclosed in a self-produced matrix of extracellular 

polymeric substances (EPS), adhere to each other and/or to a surface (Vert et al., 2012). The IUPAC 

further noted that a biofilm is a stable system capable of adapting internally to environmental 

conditions. The EPS matrix, also known as slime, is a polymer-rich assemblage composed of 

extracellular biopolymers in various structural forms. 

Importantly, more than 99.9% of pathogenic bacteria are estimated to reside within biofilms on a 

wide variety of natural and industrial surfaces (Arampatzi et al., 2011), highlighting the 

significance of understanding biofilm dynamics in contexts ranging from medical devices to food 

processing environments. 
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1.1.1 Biofilm Formation 

According to Teh et al., 2015, the formation of a biofilm begins with the initial contact between 

free-living (planktonic) microorganisms and a surface. This early interaction is governed by a 

range of chemical, physical, and biological factors, including surface properties such as topology, 

surface charge, functional groups, and hydrophobicity (surface free energy), as well as the presence 

of antimicrobial compounds. Environmental conditions, such as temperature, pH, nutrient 

availability, and the presence of other microorganisms, can either promote or hinder this initial 

contact. Additionally, processing-related factors like fluid velocity, shear stress, and the nature of 

microbial cell surface structures (e.g., pili, flagella, fimbriae) influence the ability of cells to 

interact with surfaces. 

The second stage, known as the attachment phase, involves the irreversible adhesion of microbial 

cells to the surface. In dairy processing environments, bacteria can attach to a variety of materials, 

including stainless steels (grades 304 and 316), plastics, elastomers (rubber), and conveyor belt 

materials such as polyester. The rate and strength of bacterial attachment vary depending on the 

surface material and are further influenced by organic residues, such as proteins and carbohydrates, 

that accumulate from food processing. These residues can alter the physicochemical properties of 

surfaces, thereby affecting bacterial adhesion. Furthermore, as surfaces age, sustain mechanical 

damage, or are repeatedly exposed to cleaning agents and sanitizers, their susceptibility to bacterial 

attachment and ease of microbial removal can change. The influence of surface roughness on 

bacterial adhesion remains ambiguous, with studies reporting both inhibitory and promotive 

effects. 

In the third phase, adhered cells begin to replicate and produce extracellular polymeric substances 

(EPS), which include polysaccharides, proteins, extracellular DNA (eDNA), and lipids. EPS 

production facilitates the embedding of cells and the incorporation of environmental materials such 

as food residues and other microorganisms, contributing to the structural complexity and stability 

of the developing biofilm. 

As a biofilm matures, individual microcolonies expand and gradually merge, forming a complex 

three-dimensional structure composed of microbial cells and extracellular polymeric substances 

(EPS). Within this architecture, metabolic activity and population heterogeneity give rise to diverse 

microenvironments or niches. These variations in nutrient availability, oxygen levels, and other 



4 
 

physicochemical conditions foster the development of phenotypically and even genotypically 

distinct subpopulations within the biofilm. The mature biofilm exists in a highly dynamic state, 

capable of adapting to environmental fluctuations through tightly regulated physiological and 

genetic mechanisms. Eventually, cells may disperse from the biofilm, either actively, through self-

initiated mechanisms triggered by quorum sensing, nutrient limitation, or other stressors, or 

passively, due to external forces such as fluid shear, mechanical abrasion, or cleaning procedures. 

This dispersal process plays a critical role in the colonization of new surfaces and contributes to 

the persistence and resilience of biofilm-forming organisms in industrial environments. (Teh et al., 

2015). Figure 1 shows the whole biofilm formation on a surface from the initial phase to the final 

dispersion phase. 

 

 

Figure 1 Biofilm formation process on a surface. (a) Initial contact of planktonic cells with the surface. (b) Reversible 

attachment to the surface. (c) Irreversible attachment accompanied by EPS production and clustering. (d) Formation 

of microcolonies and maturation into complex three-dimensional structures. (f) Dispersal of cells from the biofilm to 

colonize new surfaces. (Adapted from Sauer et al., 2022). 

1.1.2 Biofilm structure 

While the structure of a biofilm depends on the microbial species involved and the surrounding 

physical and chemical conditions, a mature biofilm typically consists of cell clusters or layers 

embedded within a matrix of extracellular polymeric substances (EPS). The architecture can vary 

significantly in thickness, ranging from a few micrometers to several millimeters. Although 

bacterial cells comprise only about 15–20% of the biofilm’s total volume, the EPS, mainly 
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composed of polysaccharides, proteins, lipids, and extracellular DNA (eDNA), accounts for the 

majority and can retain up to 97% water (Zhang et al., 1998; Flemming & Wingender, 2010). 

Polysaccharides are often the dominant EPS component, providing structural integrity. Proteins in 

the matrix may serve structural roles or function as enzymes that degrade environmental polymers 

into utilizable nutrients. eDNA contributes to both the structural framework and genetic material 

transfer within the microbial community. Because biofilms have a layered structure, nutrients and 

oxygen are not evenly distributed. The outer layers usually have more oxygen and support aerobic 

growth, while the deeper layers near the surface may have little or no oxygen, leading to anaerobic 

activity. (Flemming & Wingender, 2010).  

1.2 Biofilm role in the food industry 

In the food industry, both food-contact and non-food-contact surfaces are frequently colonized by 

microorganisms capable of forming biofilms. These biofilms enhance microbial survival by 

providing resistance to mechanical forces, desiccation, and chemical agents such as disinfectants 

and antimicrobials. While this resilience is advantageous for the microorganisms, it poses 

significant challenges when biofilms consist of pathogenic or spoilage organisms, as they can 

cause cross-contamination, reduce processing efficiency, and compromise food quality and safety. 

(Olanbiwoninu & Popoola, 2023). In the dairy industry in particular, biofilms are recognized as a 

major source of contamination, adversely affecting product stability, safety, and value (Teh et al., 

2015). 

Biofilms in food production environments are commonly categorized as environmental or process 

biofilms. Environmental biofilms form slowly and are typically found on surfaces throughout the 

processing area. In contrast, process biofilms develop rapidly within specific unit operations, 

particularly on food-contact surfaces inside equipment. These pose a greater risk, especially in 

hard-to-clean zones such as dead legs, end caps, gaskets, and pump seals. Often, a few microbial 

species dominate these biofilms due to selective pressures from operational conditions, such as 

heat treatment, which suppress other organisms (Teh et al., 2015). Despite their challenges, not all 

biofilms are harmful. Beneficial biofilms can be utilized to improve the quality and yield of 

fermented foods, support wastewater treatment, reduce sludge production, and aid in the 

development of edible films and biodegradable food packaging. Some may also contribute to food 

preservation by limiting lipid oxidation, moisture loss, and odor transmission (Olanbiwoninu & 
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Popoola, 2023). However, this thesis will concentrate on undesirable and potentially hazardous 

biofilms in the food industry, aiming to explore whether and how these can be prevented by 

examining the chemical properties of surface materials and identifying possible correlations. 

1.3 Bacillus subtilis  

Bacillus subtilis is a well-known bacterium with a long history, 

first described in the nineteenth century. A scanning electron 

microscopic image of Bacillus subtilis can be seen in Figure 2 

(Zweers et al., 2008). It belongs to the domain Bacteria, the 

phylum Firmicutes, the class Bacilli, the order Bacillales, the 

family Bacillaceae, the genus Bacillus, and the species subtilis. 

This fast-growing, gram-positive, aerobic bacterium has rod-

shaped cells that typically measure 2–6 µm in length and less 

than 1 µm in diameter. B. subtilis thrives at an optimal growth 

temperature of approximately 30°C to 35°C, with a rapid doubling time of as little as 20 minutes. 

Under certain conditions, the cells can form long chains connected by uncleaved septal wall 

material. In response to environmental stress, such as nutrient depletion, B. subtilis undergoes a 

complex differentiation process, leading to the formation of endospores. These spores are released 

through the lysis of the surrounding mother cell. In its vegetative state, B. subtilis is motile and 

capable of forming biofilms and fruiting bodies, which contain spores. These versatile 

characteristics make B. subtilis an important model organism for studying cellular development 

and a valuable industrial workhorse (Errington & Aart, 2020). 

To generate a biofilm, B. subtilis cells transition from a planktonic (free-floating) state to a sessile 

(attached) state. This transition is marked by a downregulation of flagellar gene expression and an 

upregulation of genes involved in the production of the extracellular matrix. External cues, such 

as nutrient depletion, low oxygen levels, and surface adherence, trigger this switch to biofilm 

formation. In the sessile state, B. subtilis forms a structured biofilm, providing increased protection 

against environmental stressors and enhancing its survival in harsh conditions. 

The spores produced during sporulation are metabolically dormant and exhibit remarkable 

resistance to various stressors, including heat (both moist and dry), UV and gamma radiation, 

desiccation, and toxic chemicals. This resilience allows Bacillus spores to persist in foodstuffs. 

Figure 2: Scanning electron microscopic 

image of B. subtilis. (Zweers et al., 2008) 
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Since some Bacillus species can cause food spoilage or foodborne diseases, significant efforts are 

made to eliminate these spores from food products during processing (Coleman et al., 2007). 

B. subtilis can attach to food and food contact surfaces, forming biofilms that are difficult to 

remove completely. Bacterial cells within biofilms exhibit significantly higher resistance to 

antibiotics and can survive for longer periods compared to planktonic cells. Once biofilms are 

established, their removal becomes a significant challenge in food safety. As a result, the 

contamination and antibiotic resistance of B. subtilis on food contact surfaces and food-processing 

equipment are exacerbated by its biofilm-forming capability. Addressing biofilm formation is 

critical to mitigating the risks associated with B. subtilis contamination in food processing 

environments (Zhang et al., 2021). 

The bacterial strain used in this study is Bacillus subtilis SA 22 (NCA 72-52; DSM 4181). 

1.4 Development and Assessment of Biofilms on Stainless Steel 

Surfaces 

This section provides an overview of the methods used to cultivate and study biofilms, with a focus 

on their relevance to food processing environments. The CDC (Centers for Disease Control) 

biofilm reactor, a standardized system for growing reproducible biofilms under controlled shear 

and nutrient conditions, was used in this study to develop biofilms by Bacillus subtilis. Following 

this, various analytical approaches for biofilm characterization are outlined, including structural, 

microbiological, and imaging techniques. Finally, the significance of stainless-steel surfaces, 

commonly used in the food industry equipment, is discussed, as they serve as critical contact points 

where biofilms can form and persist, thereby posing challenges to food safety and hygiene. 

1.4.1 Devises used to obtain Biofilm  

A deeper understanding of biofilm behavior, both as a whole community and at the single-cell 

level, and its interaction with the surrounding environment is essential for developing effective 

strategies to either control or promote biofilm formation. This knowledge is crucial for addressing 

harmful biofilms in clinical settings, food contamination, and industrial biofouling (e.g., on 

equipment or ship hulls), as well as for enhancing beneficial biofilms in applications such as 

wastewater treatment, bioremediation, electricity generation, and biofiltration. Achieving this goal 

requires a multidisciplinary approach supported by appropriate experimental methods, with careful 
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selection of experimental platforms to ensure compatibility with the specific research questions 

and types of data required (Azeredo et al., 2017). 

Several experimental systems are used to study biofilm formation. Microtiter plates allow high-

throughput screening of biofilm formation and testing of anti-biofilm agents. The Calgary Biofilm 

Device adds the capability to determine biofilm minimal inhibitory concentrations (BMIC), while 

the Biofilm Ring Test enables both formation screening and evaluation of antibiofilm compounds 

through the Antibiofilmogram (Azeredo et al., 2017). 

Rotary biofilm devices offer a more dynamic system for investigating the influence of material 

properties and hydrodynamic shear forces on biofilm development. These include the rotary 

annular reactor, the rotary disk reactor, and the concentric cylinder reactor. Among these, the CDC 

Biofilm Reactor is a well-established example of a rotary disk reactor and has been widely used to 

study biofilm resistance, interspecies interactions in multispecies biofilms, and the evaluation of 

biofilm control strategies. This reactor is also integrated into ASTM standard methods E2196-12 

and E2562-12 for quantifying Pseudomonas aeruginosa biofilms 

(Azeredo et al., 2017). 

The CDC biofilm reactor, as shown in Figure 3, consists of eight 

polypropylene coupon holders suspended from a UHMW-

polyethylene lid, each capable of holding three 12.7 mm (1/2 inch) 

diameter coupons. The lid assembly is mounted onto a 1-liter glass 

vessel equipped with a side-arm discharge port. During operation, 

liquid growth medium circulates through the vessel while shear and 

mixing are generated by a magnetic stir bar placed on a magnetic 

stirrer. One of the key advantages of this system is that it produces 

biofilms under relatively uniform shear stress conditions. 

Additionally, the ability to test different coupon materials, such as 

PVC, stainless steel, various plastics, or biologically relevant 

coatings, allows researchers to evaluate how surface characteristics 

influence biofilm development (Azeredo et al., 2017).  

Another important feature of the rotary disk reactor is that the disk's rotation speed can be 

independently adjusted from the flow rate of the feed medium. This means that shear stress and 

Figure 3: The CDC biofilm reactor on top 

of Talboys Professional Hotplates, 

Stirrers, and Hotplate-Stirrers 
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nutrient dilution rate can be manipulated separately, providing more precise control over 

experimental conditions. However, there are also notable limitations. Only one microbial strain 

can typically be tested per experiment, limiting throughput. Furthermore, the semi-open design 

makes the system more susceptible to contamination, which can complicate data interpretation and 

reproducibility (Azeredo et al., 2017) 

The biofilm reactor can be sterilized using an autoclave, making it reusable by ensuring the 

removal of any potential contaminants before beginning an experiment (BioSurface Technologies 

Corporation, n.d.-a). Autoclaving involves pressurizing a chamber to raise the temperature of 

steam from 100 °C to 121 °C. This elevated heat disrupts microbial proteins and deactivates 

essential enzymes, leading to cell death. Although many microorganisms are destroyed at 100 °C, 

bacterial spores are more resistant and require the higher temperature of 121 °C to significantly 

shorten their survival time from hours to just minutes (Weeks & Alcamo, 2008). 

1.4.2 Approaches to Biofilm Characterization 

Biofilm formation on surfaces can be studied using a variety of techniques that capture structural, 

spatial, and molecular characteristics. These approaches include microbiological, molecular, 

chemical, and microscopy-based methods, and are selected based on the nature of the surface and 

the biofilm components of interest. 

Microbiological techniques, such as colony-forming unit (CFU) counts, assess the culturability of 

surface-adhered cells by quantifying those capable of forming colonies. However, this approach is 

limited to viable, culturable cells and may underestimate the total biofilm population (Azeredo et 

al., 2017). To address this, molecular methods like quantitative polymerase chain reaction (qPCR) 

are used to detect both viable and non-viable cells by amplifying targeted DNA sequences, offering 

a broader view of biofilm-associated cells (Azeredo et al., 2017). Microscopy, particularly 

fluorescence microscopy, provides direct visualization of biofilm structure, spatial distribution, 

and cellular organization on surfaces. Fluorescent dyes enable detection of specific components or 

cells, supporting both qualitative and quantitative analysis of biofilm complexity and microbial 

interactions (Wilson et al., 2017). 

Complementing these approaches, fluorescence-based chemical methods use fluorochromes that 

bind to specific biofilm components. For example, SYPRO Ruby Biofilm Matrix Stain targets 

extracellular matrix proteins without penetrating the cell membrane. Quantification through 
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fluorescence intensity (e.g., relative fluorescence units, RFUs) using a plate reader or microscope 

provides a sensitive, indirect estimate of surface-bound biofilm matrix elements (Wilson et al., 

2017). This technique is especially effective for high-throughput screening of biofilm development 

on various materials. 

1.5 Materials used in food processing equipment 

For this experiment, stainless steel coupons will be used, and its chemical properties will be 

outlined below, along with an overview of existing research on biofilm formation on this material. 

Materials used in food processing equipment must meet stringent hygienic, mechanical, and 

chemical resistance standards to ensure food safety and operational efficiency. The most 

commonly used material is stainless steel, particularly grades 304 and 316, due to their excellent 

corrosion resistance, ease of cleaning, and compatibility with food contact. Aluminum is 

sometimes used for lightweight components but has limited corrosion resistance compared to 

stainless steel. Plastics and polymers such as PTFE (Teflon), polyethylene, and polypropylene are 

used for seals, gaskets, and non-load-bearing parts due to their chemical resistance and flexibility. 

In some applications, rubber and elastomers (e.g., EPDM or silicone) are also used for seals and 

hoses, especially where flexibility and thermal resistance are required. The choice of material 

depends on the specific process, type of food handled, cleaning protocols, and regulatory 

requirements.  

1.5.1 Stainless steel 

Stainless steel is a commonly used material in food processing equipment due to its exceptional 

corrosion resistance, mechanical strength, and hygienic properties (Saravacos & Kostaropoulos, 

2002). This iron alloy, containing at least 11% chromium, forms a thin, stable chromium oxide 

(Cr₂O₃) layer on its surface when clean and dry. This passive layer is crucial in preventing further 

oxidation and corrosion, but it requires a defect-free surface for optimal protection. If the surface 

is compromised, localized corrosion such as pitting may occur (Adams, 1983; Maller, 1998). 

Austenitic stainless steels, such as AISI 304 and AISI 316, are preferred in food and dairy 

applications due to their high corrosion resistance, ductility, and structural stability. AISI 316, 

which contains 2–3% molybdenum, is particularly resistant to chlorides and acidic environments 

(Dewangan et al., 2015). AISI 316L, with a lower carbon content, is ideal for high-hygiene 

applications as it enhances weldability and minimizes intergranular corrosion risks. This makes it 
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suitable for equipment like pasteurizers, separators, heat exchangers, and process tanks. 

(Dewangan et al., 2015). 

The widespread use of stainless steel in food processing can be attributed to its combination of 

beneficial properties. Its corrosion resistance ensures longevity in harsh processing environments, 

while its mechanical durability allows it to withstand frequent cleaning and mechanical stress. 

Additionally, its heat resistance supports high-temperature processing, and its ability to maintain 

food flavor and color contributes to product quality. Importantly, stainless steel's cleanability is 

essential for meeting strict hygiene standards in food production (Dewangan et al., 2015; Maller, 

1998). 

Microbial attachment to stainless steel is influenced by the hydrophobic nature of the surface. 

Stainless steel tends to be more hydrophobic compared to hydrophilic materials like glass, but less 

so than hydrophobic polymers. The hydrophobicity of microorganisms affects their ability to 

adhere to the surface, with Bacillus cereus spores, which are more hydrophobic, adhering more 

strongly to stainless steel than Bacillus subtilis spores (Faille et al., 2002). Although both species’ 

spores are easier to remove from stainless steel compared to more hydrophobic materials, biofilms 

formed by B. cereus on stainless steel have been found to be more resistant to cleaning-in-place 

(CIP) methods compared to biofilms on polypropylene and glass (Kumar Jha et al., 2020). 

Stainless steel is extensively used in food processing equipment, including mixing and processing 

tanks, storage silos, road tankers, milking machines, and bulk milk coolers. It is also a preferred 

material for accessories such as fittings, valves, pumps, and laboratory instruments (Dewangan et 

al., 2015). 

1.6 Passivation of Stainless Steel 

According to CSI Designs (2020), passivation is a chemical treatment that improves the corrosion 

resistance of stainless steel by facilitating the formation of a thin, protective oxide layer, commonly 

referred to as a passive film, on its surface. This film, primarily composed of chromium oxides 

(mainly Cr₂O₃), forms naturally in the presence of oxygen and is typically only 1–3 nanometers 

thick. It serves as a barrier that prevents further oxidation and corrosion of the underlying metal. 

The passivation process occurs when chromium, rather than iron, reacts with oxygen to form a 
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stable oxide, thereby inhibiting the formation of rust (iron oxides), which would otherwise form 

readily on unprotected iron surfaces. 

While this oxide layer can form spontaneously, industrial passivation treatments are often used to 

ensure consistent and effective protection, particularly in critical applications. These treatments 

generally involve two main steps: first, the removal of free iron ions from the surface using an acid 

solution; and second, the oxidation of chromium to form Cr₂O₃. Prior to passivation, thorough 

cleaning and degreasing are essential, as even small contaminants can interfere with oxide 

formation and act as initiation sites for corrosion. (CSI Designs, 2020). 

Citric acid passivation has emerged as a reliable method for enhancing the corrosion resistance of 

stainless steel by removing surface iron without damaging the protective chromium oxide layer. In 

this process, stainless steel components are immersed in a citric acid bath, which chelates and 

removes free iron ions, thereby minimizing rust formation. Unlike nitric acid, citric acid is milder 

and preserves the integrity of the chromium oxide film, resulting in a cleaner and more corrosion-

resistant surface (Best Technology, n.d.-a). 

One major advantage of citric acid is its selective action: it removes iron without affecting other 

alloying elements, preserving dimensional accuracy which is an important factor in high-precision 

applications. Additionally, citric acid is environmentally friendly and safer to handle than nitric 

acid. It does not emit nitrogen oxide (NOx) vapors, which contribute to environmental pollution 

such as smog, acid rain, and ozone depletion. Citric acid is also non-hazardous and typically does 

not require special handling or regulatory compliance (Best Technology, n.d.-a). 

The American Society for Testing and Materials (ASTM) has established guidelines for 

passivation procedures. According to ASTM A967, citric acid concentrations should range 

between 4–10 wt%. The standard offers three sets of recommended treatment conditions: 60–70 °C 

for 4 minutes, 50–60 °C for 10 minutes, or 20–50 °C for 20 minutes, providing flexibility to 

accommodate different equipment and material needs (ASTM International, 2017). 

Although nitric acid passivation has a longer history of use, citric acid passivation—gaining 

traction since the 1990s, offers several distinct advantages. It is safer, more environmentally 

sustainable, and less likely to cause surface defects such as "etching" or "flash attack," which can 

occur in stainless steel grades with lower corrosion resistance. In contrast, nitric acid is highly 
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corrosive, emits toxic fumes, and demands stringent safety protocols to protect both workers and 

the environment (Best Technology, n.d.-b). 

1.7 Analysis of surface properties 

Wettability describes the interaction between a fluid and the solid surface of a metal, playing a 

crucial role in various processes such as heat exchange, steam generation, waste heat recovery, and 

emergency cooling systems. When a fluid spreads out as a thin film on the surface, it is considered 

to wet the metal. However, when the interactions are weak, the fluid forms droplets on the metal, 

which locally wet the surface. The wetting behavior is commonly quantified using the contact 

angle, which is the angle formed between the liquid and the solid surface. If the contact angle is 

less than 90°, the material is hydrophilic, and if it is greater than 90°, the material is hydrophobic. 

(Prajitno et al., 2016). 

 

To assess wettability, contact angle measurements are commonly performed, where a droplet of 

test liquid, typically deionized water, is placed on the material's surface, and the angle between the 

droplet and the surface is measured. The droplet size, typically 4μl, is standardized for consistency, 

though slight variations may not significantly impact the results. Different testing methods can be 

employed depending on the type of surface being evaluated. In static tests, the droplet is placed on 

a non-porous, non-penetrating surface to provide a single static reading. Dynamic tests capture the 

interaction between the liquid and surface over time by recording a short video, allowing for a 

more detailed analysis of wettability. Advancing tests simulate the "wetting" and "de-wetting" 

processes by observing how a droplet is added to a dry surface and removed from a wet surface, 

often using a reversible pump. For surfaces with very low contact angles (below 10°), super low 

tests are employed. (Fibro System, 2019).     

 

These contact angle measurements provide valuable insights into a surface's hydrophobic or 

hydrophilic properties. A rounder droplet typically indicates a more hydrophobic surface, while a 

droplet that spreads out more indicates a hydrophilic surface with a lower contact angle. This 

method of evaluation is essential in understanding how fluid interacts with various material 

surfaces, influencing applications across industries, particularly in those involving heat transfer 

and surface cleaning processes. 
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2. Overall Aim of the Study 

This study aims to investigate how variations in oxide layers and surface roughness influence 

biofilm formation on stainless steel surfaces commonly used in the food and dairy industry, with 

the goal of improving strategies for biofilm prevention. 

2.1 Research Questions 

i. How does oxide layer formation vary under different environmental conditions, such as 

forced oxidation, naturally formed oxide layer, blocked passivation? 

ii. How do the thickness and structure of the oxide layer affect biofilm formation by 

Bacillus subtilis? 

iii. How does surface roughness influence oxide layer development and subsequent biofilm 

formation? 

iv. How effective are different oxidation prevention methods in reducing biofilm formation 

on stainless steel? 

2.2 Context and Motivation 

Biofilms formed by Bacillus subtilis on stainless steel surfaces pose significant challenges in 

industrial settings, particularly in food processing and packaging. These biofilms can reduce 

equipment efficiency, compromise food safety, and diminish product quality. Surface 

characteristics of stainless steel, especially the presence and quality of oxide layers as well as 

surface roughness, have been shown to play a critical role in microbial adhesion and biofilm 

formation. While prior studies indicate that oxide films significantly influence biofilm 

development, the specific mechanisms by which these surface properties affect B. subtilis 

colonization remain insufficiently understood.  

 

This project represents the fifth installment in a series of research efforts at Tetra Pak utilizing the 

same biofilm reactor setup. The sequence began with Kemppainen (2016), who examined the early 

stages of Bacillus licheniformis biofilm formation. Nakic (2020) then studied the effectiveness of 

various cleaning detergents on removing biofilms formed by Pseudomonas fluorescens and B. 

licheniformis. This was followed by Viklund (2023), who evaluated B. subtilis biofilm formation 

on stainless steel with varying surface finishes. Henningsson (2024) further investigated B. subtilis 
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biofilms on stainless steel treated through different polishing methods and extended the study to 

include polymer and elastomer materials such as PTFE, PP, and EPDM. Continuing this research 

trajectory, the current diploma work focuses specifically on the role of oxide layers and surface 

roughness in influencing biofilm formation by B. subtilis on stainless steel surfaces. 

 

3.Materials and Methods 

The materials are categorized into those used for cultivation and those used for analytical 

procedures. The cultivation method is outlined step by step in the cultivation protocol. Lastly, the 

statistical method used to analyze individual variables is presented. 

3.1 Materials for cultivation 

The materials for cultivation consist of the bacterial strain that causes biofilm formation, the 

biofilm reactor and growth medium used for culturing, and the coupons that serve as material 

surfaces, like those used in the food industry. 

3.1.1 Bacterial strain 

The bacterial strain used for the experiments is Bacillus subtilis SA 22 (NCA 72-52; DSM 4181) 

which was provided by Tetra Pak Processing Systems AB (Lund, Sweden). Bacterial spores (109 

spores/ml), generated using an internal method at Tetra Pak, were kept in 40% ethanol at -20°C. 

3.1.2 CDC Biofilm Reactor 

The CDC Biofilm Reactor® (Figure 4) consists of eight polypropylene coupon holder rods 

suspended from a UHMW polyethylene lid equipped with ports. Each rod holds three 1/2-inch 

(12.7 mm) diameter coupons. The lid features three openings designed to accommodate 6–8 cm 

long stainless steel or other rigid, autoclavable tubes with an outer diameter of 5–8 mm, used for 

media input, air exchange, and inoculation. These components are assembled within a 1-liter glass 

vessel, which includes a side-arm discharge port. Liquid growth medium can be efficiently 

circulated through the vessel, with mixing and shear provided by a magnetic stir bar/vane driven 

by a magnetic stir plate (BioSurface Technologies, n.d.-a). 

During the experiment, the reactor was placed on a combined heating and stirring plate equipped 

with an 8-inch (20.3 cm) stainless steel PT1000 RTD temperature probe (Novatech USA, n.d.-a). 
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The plate was set to 37 °C and 200 rpm. The liquid medium was circulated using a magnetic stirrer 

with baffles, held in place by the port for the temperature probe. The remaining two inlet ports in 

the lid and the discharge port, positioned near the 400 ml mark, were sealed with clamps. 

Although the reactor was originally designed for continuous operation, previous studies 

encountered difficulties with contamination. To mitigate this, a batch-wise approach with periodic 

partial media replacement was implemented in an earlier project, which helped maintain stable pH 

levels (Nakic, 2020). As a result, pH was not directly regulated in this study; instead, optical 

density (OD) was measured every other day (excluding weekends) with partial media renewal to 

ensure consistent bacterial growth across batches. 

 

Figure 4 CDC Biofilm Reactor assembly with all the parts (left) and fully assembled on the combined heating and 

stirring plate (right) 

3.1.3 Cultivation media 

Cultivation media was prepared according to the standard operating protocol (SOP) presented by 

Matilda Henningsson during her project. 1.116 g of LAB-Lemco powder, 3.72g nutrient broth, 

23.25g sucrose, 4.65g glucose and 4.65 g of fructose was added to 465ml of ultra-pure water. The 

medium was thoroughly mixed using a magnetic stirrer. From 465ml, 55ml and 60ml were added 

in a small flask for media renewal and the rest 350ml was added to the reactor. 

3.1.4 Coupons 

A total of 60 stainless steel coupons (12.7 mm in diameter and 3.8 mm thick) were used in this 

study and categorized into two types. The first type consisted of 48 RD128-316 Stainless Steel 

(316L) disc coupons (BioSurface Technologies, n.d.), which had been used in earlier projects and 
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were designated as Set 1 and Set 2. The second type included 12 RD128-316 Stainless Steel (316L) 

coupons from the same manufacturer, which were subsequently polished to a mirror finish. 

For the polishing process, the coupons were first mounted using 15 mL of Multi-Fast Black, a 

phenolic hot-mounting resin containing methenamine. Initial polishing was performed using SiC 

Foil with 2000 grit (7 μm). This was followed by successive polishing with DiaPro suspensions of 

9 micron, 2–3 micron, and finally 1 micron particle size. Between each polishing step, the mounted 

resin was cleaned with dish soap and tap water. Once polishing was completed, the resin was 

mechanically broken to retrieve the mirror-finished stainless-steel coupons. 

3.2 Materials for analysis 

The analytical materials included a fixation solution to preserve the biofilm on the stainless-steel 

coupons, a fluorescent stain and the necessary equipment for its application and visualization, as 

well as the instrument used for measuring water contact angles. 

3.2.1 Fixation solution 

The fixation solution was made in accordance with the protocol, i.e. 40ml of 100% acetic acid was 

added to 120ml of 95% ethanol to get a ratio of 1:3 and a total volume of 160ml for each 

cultivation. 

3.2.2 Water contact angle 

The surfaces of the stainless-steel coupons were analyzed using contact angle measurements. In 

this static procedure, a 4μl droplet of deionized water was automatically placed on each surface, 

and the contact angle formed between the droplet and the surface was calculated using the 

integrated software. This angle provided insight into the surface’s wettability, higher contact angles 

indicated more hydrophobic surfaces with rounded droplets, while lower angles suggested more 

hydrophilic surfaces where the droplet spread out more. 

3.2.3 Fluorescent stain and equipment 

The relative fluorescence units (RFU) of the biofilm were quantified using a POLARstar Omega 

plate reader (BMG Labtech, Ortenberg, Germany), which was configured with an excitation filter 

of 485-12 nm and an emission filter of 620-10 nm. These filter values represent the central 

wavelength and the bandwidth, filtering light in the ranges of 479–491 nm for excitation and 615–

625 nm for emission (BMG Labtech, n.d.-a). Fluorescence across the surface of each coupon was 
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measured using a 3×3 matrix scan over a 10 mm diameter area, resulting in nine measurement 

points within that square. Each of these points was calculated as the average of 10 flashes taken at 

the same location, providing a representative fluorescence value for the entire coupon surface 

(BMG Labtech, n.d.-b; BMG Labtech, n.d.-c). 

Fluorescence images of the stained biofilms were captured using a UV microscope, the AM4115T-

GRFBY. Blue LEDs served as the excitation source, and fluorescence emission was filtered at 

510 nm. The microscope provided magnification between 20× and 220× and recorded images at a 

resolution of 1.3 megapixels. (Dino-Lite, n.d.-a). 

3.3 Cultivation procedure 

Each batch of Bacillus subtilis SA 22 cultivation followed a specific procedure tailored to the 

experimental requirements. A more detailed version of the experiment is shown in Table 1 in the 

result section. 

3.3.1 Bioreactor setup 

The stainless-steel coupons were first cleaned using a soft sponge with regular tap water and dish 

soap (YES/Fairy dishwashing liquid), followed by a rinse with deionized water. Each coupon was 

then placed into a 50 ml Falcon tube filled with ultrapure water and subjected to ultrasonic 

cleaning. The coupons were sonicated for 5 minutes on one side, flipped, and sonicated for an 

additional 5 minutes. After sonication, the coupons were rinsed again with ultrapure water and 

degreased by immersion in acetone (≥99.8%, Merck KGaA) for 60 minutes in a glass beaker under 

a fume hood. Once degreased and dried, relative fluorescence units (RFU) were measured as 

baseline values to be subtracted from subsequent fluorescence readings. The surface characteristics 

of the coupons were then evaluated by measuring water contact angles to assess both surface 

chemistry and structure. 

Next, the coupons were carefully mounted on rods and labeled with IDs based on the rod number 

(R1–R8) and their position on the rod (A, B, C), as shown in Figure 5. Care was taken to maintain 

the orientation of the coupons corresponding to the blank measurements. The reactor was 

assembled with rods, filter, magnetic stirrer, and clamps. The growth medium was prepared as 

previously described, filling the reactor with 350 ml, while 55 ml and 60 ml volumes were reserved 
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in separate flasks for media renewals and OD620 measurements. Finally, the reactor and flasks were 

sterilized by autoclaving at 121 °C for 20 minutes. 

 

 

3.3.2 Inoculation 

After the reactor was autoclaved, it was allowed to cool at room temperature. Once it cooled down, 

inoculation was performed. At first, B. subtilis spores, which were stored at -20°C, were vortexed 

and then in an LAF bench, the inoculation was done by aseptically adding 35μl of the spores by 

lifting rod 8 and inserting the pipette tip at the top. This gave the medium a final concentration of 

105 spores/ml. 

3.3.3 Media renewal 

Media was renewed two times per one week cultivation followed by OD measurement. If the 

inoculation was done on Friday, media was renewed on Monday and Wednesday followed by 

cultivation on Friday. And if the inoculation was done on Wednesday, media would be renewed on 

Friday and Monday followed by cultivation Wednesday.  

In a laminar airflow (LAF) bench, 50 ml of bacterial culture was collected from the reactor outlet 

port. Of this, 25 ml was discarded into a waste flask to be autoclaved after cultivation, while the 

remaining 25 ml was placed on ice as a representative sample for optical density (OD) 

measurements. Before adding the fresh media, 5ml was withdrawn into a separate 15ml falcon 

tube for blanking and diluting for the OD measurements. After that, 50 ml fresh medium was added 

to the reactor by opening the reactor via lifting rod 8 and pouring from the flask. During the second 

media renewal, 5 ml was withdrawn twice. The first 5 ml was stored at 4 °C for the third OD 

A 

B 

C 

Figure 5: Reactor assembly with positioning of rods and coupons. Rods were numbered 1-8 and inserted 

counterclockwise in the lid with rod 8 by the outlet port. Each rod holds three coupons in position A-C. 
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measurement, and the second 5 ml was used for the second OD measurement. Therefore, 55 ml of 

medium was prepared for the first renewal flask and 60 ml for the second. 

3.3.4 Optical Density (OD620) measurement 

Optical density (OD₆₂₀) was measured three times during the one-week cultivation, at each media 

renewal and at the end of the cultivation, using a UV/Visible spectrophotometer Pharmacia 

Ultrospec 2100 pro (Gemini BV, n.d.-a). Each sample was diluted as needed to ensure the 

absorbance readings fell within the spectrophotometer’s linear range (0.1–1). Dilution factors were 

adjusted accordingly for each measurement point. The same cultivation medium was used for both 

blanking and dilutions. All measurements were performed in triplicate using 1 ml cuvettes. 

3.3.5 Harvesting and Biofilm Evaluation 

After one week of cultivation, the rods were removed from the reactor and the coupons were 

carefully unscrewed, ensuring the same side faced upward as during the initial blank 

measurements. The coupons were distributed into four 9 cm petri dishes (six per dish), each labeled 

with their respective IDs. Biofilm fixation was carried out by covering the coupons with the 

fixation solution, prepared as previously described, and allowing them to incubate at room 

temperature for 20 minutes. Following fixation, the coupons were transferred using forceps to 

another set of four labeled 9 cm petri dishes. Without any rinsing before or after fixation, 50 μl of 

FilmTracer™ SYPRO® Ruby biofilm matrix stain was applied directly to the upward-facing 

surface of each coupon. The stain was incubated for 60 minutes at room temperature, protected 

from light. Coupons were then rinsed with ultrapure water and stored in the dark until analysis.  

Post-cultivation, all materials exposed to Bacillus subtilis were autoclaved at 121 °C for 20 minutes 

to prevent environmental contamination by live microorganisms. The cultivation medium was 

collected in a flask including the waste from medial renewal, and the reactor was filled with 

approximately 400 ml of deionized water. After autoclaving, the reactor components, including 

rods and the magnetic stirrer with baffles, were manually cleaned using dish soap (YES/Fairy dish 

soap) and thoroughly rinsed with deionized water. The coupons were cleaned in the same manner 

as prior to the experiment. 



21 
 

Relative fluorescence units (RFUs) were measured using a plate reader, with coupons placed in a 

24-well black plate to reduce autofluorescence. Biofilm images were captured using a UV 

microscope while the coupons remained on the same plate.  

3.3.6 Passivation of Stainless Steel 

A total of 24 stainless steel coupons (Set 2) were used for Trial 7 to investigate the effects of oxide 

layer formation and passivation blocking. The coupons were first washed and degreased following 

the standard procedure described previously. They were then divided into four groups (n = 6 per 

group) corresponding to different treatments: forced oxidation, air exposure, passivation blocking, 

and untreated control. 

The passivation solution was prepared in accordance with the ASTM A967 standard using 10 wt% 

citric acid by dissolving 9 g of citric acid was dissolved in 81ml of ultrapure water, resulting in a 

total volume of 90ml of solution for 18 stainless steel coupons for Trial 7. Approximately 5 ml of 

this solution was dispensed into each of 18 Falcon tubes (50 ml), excluding those assigned to the 

control group. These tubes were placed in a 55 °C heating cupboard for 50 minutes. At the end of 

the preheating period, the solution temperatures were measured in selected tubes: forced oxidation 

(49.4 °C), air exposure (48.1 °C), and passivation block (50.1 °C) approximately. 

Next, one coupon was placed in each preheated Falcon tube, and initial temperatures were 

recorded: forced (38.6 °C), air (39.8 °C), and block (40.1 °C) approximately. The forced oxidation 

group was heated for a total of 1 hour, while the air exposure and passivation block groups were 

heated for 20 minutes. After this heating period, temperatures were recorded again: air (43.7 °C), 

block (46.1 °C), and forced after 1 hour (51.3 °C). 

Following treatment, all coupons were thoroughly rinsed with deionized water and gently dried 

using Kleenex tissues. Water contact angle measurements were then performed on all coupons, 

including those from the control group, to assess changes in surface properties. Measurements 

began with the passivation block group. After contact angle measurements, storage conditions 

were applied as follows: the passivation block group was stored under anaerobic conditions 

starting at 1:20 pm on January 30th, while the forced oxidation, air exposure, and control groups 

were left on the laboratory bench under ambient conditions. These three groups were scheduled 

for re-measurement of contact angles, ones every week and were kept like this for 84 days total. 
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For polished with passivation trial (Trial 6), polished stainless-steel coupons were investigated 

over an 8-day period and same method was followed. A total of 24 coupons were used, comprising 

12 polished and 12 untreated control samples. Only the polished coupons underwent passivation 

treatment. The passivation solution was prepared in accordance with the ASTM A967 standard 

using 10 wt% citric acid by dissolving 6 g of citric acid in 54ml of ultrapure water, resulting in a 

total volume of 60ml of solution for 18 stainless steel coupons. Approximately 5 ml of the solution 

was added to twelve 50 ml Falcon tubes, which were then preheated in a heating cupboard at 55 °C 

for approximately 50 minutes. The temperature of the citric acid solutions before coupon insertion 

ranged from 45.1 °C to 48.1 °C. After placing one polished coupon into each tube, the solution 

temperature dropped to a range of 38.8 °C to 42.8 °C. The coupons were incubated in the citric 

acid solution for 20 minutes, and final temperatures were recorded between 41.1 °C and 43.0 °C. 

After treatment, coupons were rinsed with deionized water, dried with Kleenex tissues, and 

subjected to water contact angle measurements.  

3.3.7 Surface treatment with lye, acid and heat 

For Trial 1, 24 coupons (Set 1) were used. Cleaning solutions were prepared: a 0.5% sodium 

hydroxide (NaOH) solution by dissolving 0.5 g of NaOH in 100 ml of ultrapure water, and a 0.5% 

nitric acid (HNO₃) solution by adding 700 µl of 65% HNO₃ to 100 ml of ultrapure water (Nakic, 

2020). These concentrations are commonly used in the dairy industry. Six coupons were kept aside 

as untreated controls and placed in a petri dish at room temperature. The remaining 18 coupons 

were subjected to chemical cleaning. First, they were immersed in the 0.5% NaOH solution at 

70 °C for 20 minutes using a water bath, rinsed with tap water, and their contact angles were 

measured on both sides. The same procedure was then repeated using the 0.5% HNO₃ solution. 

After the acid wash, six of the treated coupons were placed in an anaerobic jar (block group), while 

the remaining 12 were stored in tap water overnight until further processing. Six of the 12 coupons 

that had been stored in tap water were further treated by heating at 90 °C for 20 minutes to simulate 

heat treatment conditions. Afterward, contact angle measurements were taken on both sides for 

both the water-only and water + heat-treated coupon sets.  

3.4 Statistical analysis 

Statistical analysis was performed using Microsoft Excel 365 and MATLAB R2023a (Online 

version). Data normality was assessed with the Anderson-Darling test (adtest), Q-Q plots, and 
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histograms. For normally distributed data, one-way ANOVA (anova1) was used to compare group 

means, while Levene’s test checked variance homogeneity. Non-parametric data were analyzed 

using the Kruskal-Wallis test (kruskalwallis) to compare group medians. 

Significant results (p < 0.05) from ANOVA or Kruskal-Wallis were followed by post-hoc tests: 

multcompare for ANOVA and Mann-Whitney U test for Kruskal-Wallis. T-tests were used for two-

group comparisons. 

Univariate analysis was applied to assess differences in contact angles and to evaluate the 

combined RFU data from multiple replicates considering surface finish and treatments, and 

cultivation replicate. 

4. Results 

A total of eight cultivations were done in the CDC bioreactor, with the findings from each trial 

guiding the focus and direction of the subsequent one. Table 1 provides a summary of each trial, 

including the coupons used, the aim, and any potential deviations from the method. Stainless steel 

coupons and polished coupons were used in the trials. Results are presented trial by trial, beginning 

with surface property data (contact angle), optical density (OD620) analysis, followed by biofilm 

formation analysis (RFU, UV microscopy images). 

Table 1:Summary of each trial performed with the name of the trial, coupon used and the motivation behind each 

cultivation. 

Trial 
Coupon 

Type 
Motivation 

Pre-trial 

24 

stainless 

steel (Set 

1) 

This initial test was conducted to become familiar 

with the methodology and biofilm analysis by 

harvesting rods after 7 days. An OD600 reading 

was mistakenly taken on the first day of media 

renewal instead of OD620, which was corrected in 

subsequent measurements. 
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Trial 
Coupon 

Type 
Motivation 

Trial 1 (Effect of Cleaning 

Treatments on Surface 

Properties and Biofilm 

Formation) 

24 

stainless 

steel (Set 

1) 

Investigated how standard dairy industry cleaning 

alters stainless steel surface properties via contact 

angle (hydrophilicity/hydrophobicity) and whether 

these changes impact how biofilms are formed. 

Degreasing was incorrectly done due to 

misinterpretation of the SOP. 

Trial 2 (Polished without 

Passivation) 

12 

polished 

stainless 

steel + 12 

stainless 

steel (Set 

1) 

Investigated biofilm formation on polished 

stainless steel without passivation. The aim was to 

assess how the absence of a stable oxide layer 

affects microbial attachment and biofilm 

development. Improper degreasing was done. 

Trial 3 (Repetition of Trial 2) 

12 

polished 

stainless 

steel + 12 

stainless 

steel (Set 

1) 

A repetition of Trial 2, as no biofilm growth was 

observed on the control coupons. Degreasing 

remained inadequate. 

Trial 4 

(Control/Troubleshooting) 

24 

stainless 

steel (Set 

1) 

A control/troubleshooting experiment to determine 

why biofilm detection was failing. The entire 

method was checked against the SOP, revealing 

issues like improper degreasing, fixation, and 

washing after staining. The experiment ran for 13 

days instead of the usual 7. 
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Trial 
Coupon 

Type 
Motivation 

Trial 5 (Polished without 

Passivation, Final Attempt) 

12 

polished 

stainless 

steel + 12 

stainless 

steel (Set 

1) 

A third attempt of the polished without passivation 

experiment, this time with proper degreasing. 

Fixation and staining times were adjusted to 20 

minutes and 1 hour, respectively, and these 

parameters were used in subsequent trials. 

Trial 6 (Polished with 

Passivation) 

12 

polished 

stainless 

steel + 12 

stainless 

steel (Set 

1) 

Investigated the effect of passivation on biofilm 

formation on polished stainless steel. The 

experiment lasted 8 days due to holidays. 

Trial 7 (Surface Treatment 

and Passivation: Final Trial) 

24 

stainless 

steel (Set 

2) 

Although it started at the beginning, this trial was 

completed last (after 84 days). It examined how 

different treatments, forced oxidation, air 

exposure, and passivation blocking, affect surface 

properties and biofilm formation. Contact angle 

analysis was also performed weekly before 

attaching coupons to rods. Degreasing was done 

improperly at the beginning but corrected later. 

After inoculation, the experiment lasted 10 days 

due to holidays. 

 

The results from each trial are organized below according to Table 1. The biofilm was stained using 

a fluorescent dye prior to analysis and the resulting biofilm growth is presented in a quantitative 
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and qualitative manner using relative fluorescence units (RFU) measured in the plate reader, and 

images taken by the UV microscope. Figure 6 shows an example of the 3×3 matrix scan performed 

by the plate reader is shown both as numerical data and a heat map. The instrument averaged the 

nine measurement points to produce a single RFU value per coupon.  

 

 

 

Figure 6: Resulting Microplate Well Scan from the RFU measurements in the plate reader. RFU was measured in a 

3x3 matrix scan for each coupon and the results were given numerically (left) and in a heat map (right). 

Figure 7 displays the same coupon as in Figure 6, presented both as a UV microscope image and 

as it appears to the naked eye. The yellow square marks the region imaged by the microscope. Due 

to the fluorescent dye, the biofilm appears red in the microscope image, while it remains invisible 

on the actual coupon. 

   

 

 

 

 

 

 

4.1 Effect of Cleaning Treatments on Surface Properties and Biofilm 

Formation (Trial 1) 

The diploma work began with a pre-trial to become familiar with the experimental method. This 

initial run showed little to no biofilm growth, and no significant differences were observed. The 

raw data and images from this trial are provided in Appendix A. Trial 1 aimed at simulating 

standard cleaning procedures commonly used in the dairy industry in order to investigate their 

Figure 7: A comparison between the UV microscope image and the coupon viewed with the naked eye is shown. The biofilm 

appears red in the left image due to staining, while the yellow square on the right image marks the corresponding area on 

the coupon. 
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impact on the surface properties of stainless steel and the subsequent formation of biofilms. Using 

industry-relevant concentrations of sodium hydroxide and nitric acid, the trial closely mimicked 

real-world cleaning protocols. Contact angle measurements were conducted to assess whether 

treatments involving chemicals, water, water combined with heat, and storage conditions (block) 

and control altered the surface wettability, shifting it toward more hydrophilic or hydrophobic 

states. Understanding how routine cleaning procedures affect surface characteristics is critical for 

evaluating their potential to either promote or inhibit microbial attachment and biofilm 

development in food processing environments. 

4.1.1 Contact Angle Result of the Effect of Cleaning Treatments on Surface 

Properties and Biofilm Formation (Trial 1) 

Figure 8 compares the contact angles of control and treated stainless steel coupons, with raw data 

provided in Appendix B (Table B1-B11). Contact angle measurements were used to assess changes 

in surface properties caused by different treatments. Higher contact angles indicate more 

hydrophobic surfaces, while lower angles indicate increased hydrophilicity. The untreated control 

group had an average contact angle of 61.42° ± 2.48, serving as the baseline. 

Before chemical treatment, all groups showed moderate hydrophobicity, with the Water group 

having the highest average angle (62.86°), followed by Water + Heat (61.43°) and Block (54.75°), 

indicating little deviation from the control. After lye treatment, contact angles significantly 

decreased across all groups, showing increased hydrophilicity. The Water group dropped to 50.71°, 

the Block group to 51.15°, and the Water + Heat group showed the largest reduction to 46.34°. 

Subsequent acid treatment caused smaller or inconsistent changes compared to the control: the 

Water group’s contact angle decreased slightly to around 53°, the Block group remained relatively 

stable at 53–54°, and the Water + Heat group increased slightly to 51–54°, indicating a partial 

reversal of lye-induced hydrophilicity. Heat treatment of the Water + Heat group after 24hrs, 

caused a modest rise in contact angle to 52–54°, still lower than the control. Finally, overnight 

immersion in tap water, maintained hydrophilicity, with contact angles staying near 50–52°, close 

to post-lye values. Overall, these results suggest that lye treatment has the strongest and most 

lasting impact on increasing surface hydrophilicity, while acid and heat treatments produce minor 

or temporary effects. This indicates that standard cleaning steps, especially those involving 



28 
 

alkaline and thermal agents, can alter stainless steel surface properties in ways that may influence 

biofilm adhesion. 

 

 

Figure 8: Contact angle measurements of stainless-steel coupons before and after cleaning treatments. The graph 

compares surface wettability across different sample groups: untreated control, water-treated, passivation block, and 

water + heat-treated. Contact angle was measured before cleaning and after successive treatments with sodium 

hydroxide (lye), nitric acid, and heat.  

4.1.2 Optical Density (OD620) 

Optical density at 620 nm (OD₆₂₀) (Appendix I) was measured at three time points during the one-

week cultivation of Bacillus subtilis in the CDC biofilm reactor. The log₁₀-transformed OD₆₂₀ 

values were used to assess bacterial growth trends. Minimal fluctuation in OD₆₂₀ measurements 

indicated that bacterial growth remained stable throughout the cultivation period.  

4.1.3 Quantitative Analysis on the Effect of Cleaning Treatments on Surface 

Properties and Biofilm Formation (Trial 1) 

The RFU values for the different treatments are shown in a bar graph (Figure 9) below: 
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Figure 9 RFU for biofilm on stainless steel coupons in Trial 1. All coupons were analyzed on the same side. Each 

treatment constituted six replicates where R1-8 indicates the rods' position in the reactor and A-C the coupons' site 

in the rod. R1-R2 is water+heat, R3-R4 is water, R5-R6 is block and R7-R8 is control. 

A normality test was conducted to determine the distribution of the data. The results showed that 

the water, water + heat, and block groups did not follow a normal distribution, as the p-value for 

the normality test was 0. In contrast, the Control group followed a normal distribution (p-value = 

1). Since most of the groups did not meet the assumption of normality, non-parametric tests were 

used to assess the differences between them. The following statistical tests were performed 

(Appendix J) 

Kruskal-Wallis Test: Used for comparing the non-normal data (Water, Water + Heat, and Block) 

against each other and against the Control group. Mann-Whitney U Test: Used for pairwise 

comparisons to identify if any significant differences exist between individual groups. 

Mann-Whitney U test results showed no significant differences in biofilm formation between any 

of the groups (all p-values > 0.05). The p-values for all comparisons were greater than 0.05, 

indicating that there were no significant differences in biofilm formation between any of the 

groups. However, since the control coupons showed no detectable biofilm, the comparisons with 

the control group were not conclusive. As a result, the lack of biofilm formation in the control 

group limited the ability to draw meaningful conclusions about the effects of the surface 

treatments. 
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4.1.4 Qualitative Analysis: Microscopic Observations 

The following UV microscope images (Figure 10) from Trial 1 are chosen based on the coupon 

with the most biofilm visually for each surface treatment. The biofilm is shown in red and the 

stainless steel in blue colour of the microscopic light. It can be seen from the UV microscope 

images that the growth of biofilm is very little to none. All the images can be found in Appendix 

E, Figure E1, E2, E3, E4. 

 

 

 

 

 

 

 

4.2 Effect of Surface Polishing and Passivation (Trial 2,3,5,6) 

The biofilm formation on polished stainless-steel surface with passivation and no passivation was 

analyzed in Trial 2,3,5 and 6. Contact angle was measured to analyze surface properties before 

each trial. Quantitative analysis was done by measuring relative fluorescence units (RFU) after 

harvesting the coupons, with statistical analysis used to determine significant differences between 

groups 

4.2.1 Contact Angle Results  

Figure 11 presents four graphs, each representing the average contact angle measurements for a 

different trial. The raw data used to create these graphs can be found in Appendix C for Trial 2 

(Tables C1 and C2), Appendix D for Trial 3 (Tables D1 and D2), Appendix F for Trial 5 (Tables 

F1 and F2), and Appendix G for Trial 6 (Tables G1 and G2). And Table J5 in Appendix J for all 

the mean and standard deviation. 

Polishing alone (Trials 2 & 3): The polished coupons were kept in anaerobic conditions before 

Trial 2 to prevent surface oxidation. In Trial 2, the polished surfaces showed the highest contact 

angle (63.32°), indicating increased hydrophobicity, likely due to surface smoothing and reduced 

Figure 10: From left to right, R2A(water+heat), R4A(water), R5B(Block), R7A(Control). The UV images show very 

less biofilm growth (red colour) on the coupon treated with water+heat. The rest of the coupons did not have any visible 

growth. Images were chosen based on the most biofilm growth visually. 
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surface energy. However, after Trial 2, the polished coupons underwent cultivation, fixation, 

staining, cleaning, and extended air exposure before Trial 3. In Trial 3, polishing led to a lower 

contact angle (52.15°), suggesting a slightly more hydrophilic surface. The control groups in these 

trials had contact angles of 52.81° (Trial 2) and 59.97° (Trial 3), respectively. Overall, polishing 

by itself did not always make the surface more hydrophilic, as some polished surfaces had high 

contact angles while others were more moderate. 

Degreasing (Trial 5): Degreasing had a pronounced impact on surface wettability. Polished 

samples that underwent 1-hour degreasing showed a significantly lower contact angle (37.39°), 

and even brief degreasing (a few seconds) further reduced it to 32.26°. These values suggest a clear 

increase in surface hydrophilicity, likely due to the effective removal of organic residues, oils, or 

other contaminants that interfere with water spreading. In contrast, the corresponding control 

samples (not polished) had higher contact angles, 43.67° for 1-hour degrease and 49.06° for brief 

degrease, further reinforcing the hydrophilic effect of polishing in combination with degreasing. 

Passivation (Trial 6): In Trial 6, passivation with citric acid was applied to polished stainless-steel 

coupons. The average contact angle increased slightly from 50.60° (before passivation) to 50.90° 

(after passivation), indicating minimal change in surface wettability. The control samples were 

non-polished and non-passivated, with a contact angle of 51.35°. This suggests that passivation 

alone, when applied to polished surfaces, does not significantly affect surface wettability compared 

to untreated, non-polished controls. 

Surfaces with lower contact angles are generally more hydrophilic and less favorable for biofilm 

attachment. Trial 5 polished surfaces with short degreasing showed the lowest contact angle 

(32.26°), suggesting reduced biofilm formation potential despite high variability. In contrast, 

higher contact angles in Trial 2 polished (63.32°) and Trial 3 control (59.97°) indicate more 

hydrophobic surfaces that may promote biofilm growth. Passivated polished surfaces in Trial 6 

(around 50.6°–50.9°) remained moderately hydrophilic and stable. Overall, Trial 5 surfaces are 

less likely to support biofilms, while Trials 2 and 3 may favor attachment. 
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Figure 11: Contact angle measurements for Trial 2 (Polished without passivation vs Control)-top left, Trial 3 

(Repetition of Trial 2)-top right, Trial 5 (Effect of different degreasing times on polished surface without passivation 

vs Control with different degreasing times)-bottom left, Trial 6 (Polished with passivation vs Control)-bottom right. 

4.2.2 Optical Density (OD620) (Trial 2,3,5,6) 

In Trials 2, 3, 5, and 6, the log₁₀-transformed OD₆₂₀ values remained consistently stable throughout 

the cultivation period, indicating that Bacillus subtilis maintained a stable population under these 

conditions (Appendix I). 

4.2.3 Quantitative Analysis: Polished (with/without passivation) vs non-polished 

Trials 2 and 3 evaluated the impact of polishing alone on Bacillus subtilis biofilm formation by 

comparing polished and unpolished (control) stainless steel coupons. Figure 12 shows a 

comparison between the two trials and raw RFU data can be found in Appendix C (Table C3), 

Appendix D (Table D3). The Shapiro–Wilk test indicated non-normal distributions for both 

polished (p = 0.00067) and control (p = 0.0065) groups. Levene’s test showed unequal variances 
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(p < 0.05), violating assumptions for parametric tests. Therefore, a Mann–Whitney U test was 

applied, yielding a non-significant result (p = 0.3068, z = 1.0220, rank sum = 154). These findings 

indicate that polishing alone did not significantly alter biofilm attachment compared to the control. 

Looking at the RFUs for the control in these trials indicates that there is no biofilm, or if there is, 

it cannot be detected for some reason. Therefore, it is not possible to determine whether polishing 

influences biofilm formation. 

 

Figure 12:Boxplot comparison of biofilm formation by Bacillus subtilis on polished (non-passivated) and control 

(unpolished) stainless steel surfaces in Trials 2 and 3. Each group represents relative fluorescence unit (RFU) values 

indicating biofilm. 

Trial 5 compared the effect of degreasing duration (1 hour vs. a few seconds) on both polished and 

unpolished coupons. Figure 13 shows a box plot graph showing the comparison between the 

polished coupons with control coupons with different degreasing times (1hr and few seconds) and 

raw data can be found in Appendix F (Table F3, F4).  Shapiro–Wilk tests showed non-normal 

distributions in polished groups, while control groups followed normal distributions. Levene’s test 

confirmed equal variances (p > 0.05). Despite mixed normality results, both parametric 

(independent and paired t-tests) and non-parametric (Kruskal–Wallis) tests were conducted (Table 

2 and Appendix J-Table J2). None of the tests showed statistically significant differences in biofilm 

formation across treatments. While some polished groups showed higher mean RFU value 

(Appendix J-Table J3), these differences were inconsistent and not statistically supported, with 

high variability and outliers, particularly in polished samples, affecting the outcome.  
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Figure 13: Boxplot of biofilm formation (RFU values) on polished and control stainless steel surfaces treated with 
different degreasing durations (1 hour vs. a few seconds indicated as short) in Trial 5. Polished groups showed 

higher variability and occasional higher RFU values, but statistical analyses (t-tests and Kruskal–Wallis test) 

revealed no significant differences in biofilm formation across treatments (p > 0.05). 

 

Table 2: Comparison between polished (non-passivated) with control coupons (Trial 5) indicating the test type, p-value, 
significance and interpretation of the p-value. 

Comparison Test Type 
p-

value 
Significant Interpretation 

Polished (1hr) vs Control 

(1hr) 

Independent 

t-test 
0.443 No 

Polishing did not significantly 

increase biofilm 

Polished (few sec) vs 

Control (few sec) 

Independent 

t-test 
0.786 No No significant difference 

Polished (1hr) vs Polished 

(few sec) 
Paired t-test 0.856 No 

Degreasing time had no 

significant effect 

Control (1hr) vs Control 

(few sec) 
Paired t-test 0.230 No No effect of degreasing duration 

 

Trial 6 examined the effect of citric acid passivation on polished stainless-steel surfaces compared 

to unpolished, untreated controls (RFU data in Appendix G-Table G3). Figure 14 shows a boxplot 
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comparing the RFU values of polished (with passivation) coupons with control coupons. The 

passivated group had a lower mean RFU (126.52 ± 186.57) compared to the control (206.14 ± 

219.04), with medians of 54.50 and 127.60, respectively (Appendix J-Table J4). Due to skewed 

data and outliers, a Mann–Whitney U test was used, revealing no statistically significant difference 

(p = 0.1858). 

 

Figure 14: Boxplot comparing RFU values (biofilm growth) on stainless steel coupons after cultivation for Trial 6. 

The treated group (polished + passivated) showed a lower median RFU compared to the control, but the difference 

was not statistically significant (Mann-Whitney U test, p = 0). 

To compare biofilm formation on polished surfaces with and without passivation, data from Trial 

5 (polished and degreased for 1 hour without passivation) were used, as no biofilm was detected 

on the control coupons in Trials 2 and 3. Trial 6, which involved polished and passivated coupons 

also degreased for 1 hour, served as the passivated group. A Mann–Whitney U test revealed a 

statistically significant difference in biofilm formation between the two groups (p = 0.0182, rank 

sum = 82), suggesting that citric acid passivation significantly reduced biofilm formation on 

polished stainless-steel surfaces.  

4.2.4 Qualitative Results: Surface Comparison via UV Microscopy 

The following UV microscopic images in Figure 16, 18, 20, 22 from Trial 2,3,5, and 6 were chosen 

based on the coupon with the most biofilm according to the RFU data in Figure 15, 17, 19, 21 for 

each surface treatment. All images can be found in Appendix F for Trial 5 and Appendix G for 

Trial 6. Images from Trial 2 and 3 were not included due to no growth detection on the UV 

microscope. The biofilm in the UV images is shown in red and the stainless steel in blue colour of 
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the microscopic light. The UV microscope images show little to no biofilm growth, or there may 

be an issue with staining the biofilm, as the control coupons also show little to no biofilm.  

 

Figure 15: RFU of Trial 2 (polished without passivation). R1-R4 (Polished coupons), R5-R8(control coupons) 

 

Figure 16: Trial 2 UV microscopic image. From left to right, R2B (Polished), R6B (Control) 
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Figure 17:RFU of Trial 3 (polished without passivation). R1-R4 (Polished coupons), R5-R8(control coupons) 

 

 

 

 

 

 

Figure 18: UV images of Trial 3. From left to right, R2C(Polished), R6C (Control) 
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Figure 19 RFU for Trial 5 Polished without passivation, 1hr degrease (top), few seconds degrease. R1-R2 (Polished few seconds 

degrease), R3-R4 (Polished 1hr degrease), R5-R6 (Control 1hr degrease) and R7-R8 (Control few seconds degrease). 
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Figure 20: UV images of Trial 5 from left to right, (1hr degrease): R1C (polished), R8B(control), (few seconds 

degrease): R4C (polished), R6B (Control) 
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Figure 21: RFU of Trial 6 Polished with passivation. From left to right, R1-R4 (Polished coupons), R5-R8 (Control coupons) 
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Figure 22: UV images of Trial 6 polished with passivation. From left to right, R3B (polished), R5C (Control) 

From Trials 2 and 3, there was very little to no detectable biofilm on the surfaces, especially on 

the control coupons, suggesting either minimal biofilm formation or potential issues with 

detection. In contrast, Trials 5 and 6 showed clear biofilm growth (red staining), even if at low 

levels, on both polished and control coupons. Although statistical analysis showed no significant 

differences within Trials 5 and 6, a slight visual increase in biofilm coverage (more red areas) was 

observed in the Trial 5 polished coupons without passivation that were degreased for 1 hour, as 

well as in the Trial 6 polished coupons, compared to their respective controls. 

4.3 Troubleshooting and Optimizing Biofilm Detection (Trial 4) 

Trial 4 was conducted as a troubleshooting experiment to identify the causes of inconsistent 

biofilm detection observed in earlier trials (Pre-trial, Trials 1, 2, and 3) especially in the control 

coupons. A thorough review of the experimental workflow against the standard operating 

procedure (SOP) revealed several deviations, including insufficient degreasing, inadequate 

fixation, and improper post-staining washing steps. To address these issues, the incubation period 

was extended from 7 to 13 days, and all procedures were carried out in strict adherence to the SOP. 

The aim of this trial was to establish a reliable and consistent baseline for future experiments. At 

the start of the trial, contact angle measurements were taken to assess surface wettability. 

Following harvesting of the coupons, relative fluorescence units (RFU) were measured to quantify 

biofilm formation. 

4.3.1 Contact Angle Results  

The summary of contact angle measurements for Trial 4 is presented in Table 3 (Raw data 

Appendix E-Table E1). In Trial 4, untreated stainless-steel coupons (control group) exhibited a 

mean contact angle of 57.25°, indicating a moderately hydrophobic surface.  The measurements 

were consistent across the 24 samples, with a coefficient of variation (CV) of approximately 9%, 
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suggesting uniform surface wettability. The contact angle values ranged from 46.26° to 64.44°, 

reflecting typical variability in surface chemistry among untreated stainless-steel samples. These 

results are in line with expectations for control surfaces and provide a reliable reference point for 

comparing the effects of various surface treatments.  

Table 3: Contact angle for Trial 4 including standard deviation, CV%, range, maximum and minimum value. 

Metric Value 

Mean (°) 57.25 

Standard Deviation (SD) 5.18 

Coefficient of Variation (CV%) 9.05% 

Maximum (°) 64.44 

Minimum (°) 46.26 

Range (°) 18.18 

 

4.3.2 Optical Density (OD620) 

For Trial 4, OD620 was measured four times as this experiment lasted for 13 days instead of one 

week. (Appendix I). Similar to the previous trials, OD₆₂₀ values remained within a narrow range, 

implying that the bacterial culture sustained a stable density.  

4.3.3 Quantitative Analysis: Effect of Fixation and Staining Time on Biofilm 

Formation 

Trial 4 was designed to evaluate whether variations in fixation and staining durations affected 

biofilm detection, as measured by relative fluorescence units (RFU) after staining (Appendix E-

Table E2). Three experimental groups were compared: 

• Group A (General): Fixation for 10 minutes, staining for 30 minutes (standard protocol) 

• Group B (Fix20): Fixation extended to 20 minutes 

• Group C (Stain60): Staining extended to 60 minutes 
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A one-way ANOVA (Appendix J-Table J6) showed no significant difference in mean RFU values 

between the three groups (p = 0.1154, F = 2.24). This indicates that extended fixation or staining 

times did not measurably affect biofilm formation compared to the standard protocol  

Figure 23 shows a comparison of RFU values between the fallen coupons and the general coupons 

that followed the standard protocol. Figure 24 shows an overall comparison of RFU values 

between all the groups. A separate analysis was conducted to evaluate whether mechanical 

detachment of coupons from the holders prior to incubation affected biofilm formation. These 

coupons, referred to as the 'Fallen' group, had unintentionally dislodged from the rods due to faulty 

screws and settled at the bottom of the wells following autoclaving. These coupons underwent the 

same staining and fixation processes as the general protocol after being collected from the bottom 

of the well. 

To determine whether pre-incubation mechanical dislodgement of coupons influenced biofilm 

formation, both a two-tailed t-test and a Mann–Whitney U test were conducted to compare the 

RFU values of the fallen coupons with those of the standard (General) group. The t-test (p = 

0.5637) and Mann–Whitney U test (p = 0.5303) both showed no significant difference in RFU 

values, indicating that mechanical dislodgement prior to incubation did not significantly affect 

biofilm development. The RFU values of the dislodged (fallen) coupons were comparable to those 

that remained secured on the rods, suggesting that their unintended positioning at the bottom of 

the wells did not interfere with biofilm formation under the given experimental conditions.  

 

Figure 23: Comparison of average biofilm formation on General and Fallen stainless steel coupons measured by 

RFU. The bar graph displays the mean Relative Fluorescence Units (RFU) for two groups: General (green) – 

coupons that remained fixed in position and Fallen (blue) – coupons that became dislodged prior to incubation. Both 
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groups underwent identical fixation (10 minutes) and staining (30 minutes) procedures. Error bars represent ±1 

standard deviation.  

 

Figure 24: Box plot comparing RFU values of biofilm formation under different fixation and staining conditions.  

4.3.4 Qualitative Observations 

Figure 25 presents four bar graphs of RFU values (Appendix E-Table E2) showing variations in 

fixation and staining durations. The following UV microscope images (Figure 26) correspond to 

the samples with the highest biofilm growth indicated in Figure 25. All images can be found in 

Appendix E. 
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Figure 25: RFU of Control Experiment. Top left (20min fixation-R1, R2), top right (1hr staining-R3, R4), bottom 

left (Standard protocol:10min fixation, 30min staining- R5, R6, R7A), bottom right (fallen coupons; standard 

protocol-R7B-R8) 

 

From the images (Figure 26), it appears that there is more biofilm growth on the coupons that were 

stained for 1 hour and fixed for 20 minutes. However, statistical analysis did not show a significant 

difference. This could be due to the variability among the samples, some coupons exhibited higher 

biofilm growth while others had very little, leading to an overall non-significant result. 

Nevertheless, both the images and the RFU graph suggest a slight visual difference. Therefore, for 

consistency and our own assurance, we adjusted the protocol from Trial 5 onwards by setting the 

fixation time to 20 minutes and the staining time to 1 hour. 

Figure 26: UV images of Trial 4. From left to right: Fixation 20min (Sample 6-R2C), Staining 1hr (Sample 1-R3A), 

Standard protocol: 10min fixation, 30min staining (Sample 2-R5A), Fallen coupons: standard protocol (Sample 1-R7B). 
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4.4 Effect of Surface Oxidation Treatments on Stainless Steel (Trial 

7) 

To evaluate the influence of stainless-steel surface oxidation treatments on biofilm formation by 

Bacillus subtilis, four surface conditions were tested: Control (untreated), Blocked (no oxide 

layer), Forced (forced oxidation), and Air (natural oxidation). These treatments were designed to 

provide varying surface chemistry, as the oxidation state of stainless steel can affect bacterial 

attachment and subsequent biofilm development. Contact angle measurements were recorded 

weekly for 12 weeks (84 days) prior to inoculation to monitor surface wettability over time. 

Following incubation, biofilm accumulation was quantified using relative fluorescence units 

(RFUs) to estimate biofilm formation. 

4.4.1 Contact Angle Results  

Raw data are provided in the Appendix H-Table H1, H2. Figure 27 shows the average contact 

angles for all conditions over time in Trial 7. The Air-treated surface exhibited a gradual increase 

in contact angle from 45° to 66° by Day 50, indicating increasing surface hydrophobicity and the 

formation of a stable oxide layer. In contrast, the Forced-treated surface showed fluctuating contact 

angles, suggesting an unstable or changing oxide layer on the surface. The Control surface 

maintained consistently high contact angles above 66°, indicating a highly hydrophobic surface. 

The Blocked surface demonstrated moderate contact angles, reflecting intermediate surface 

wettability and oxide layer characteristics. These contact angle trends reveal differences in surface 

chemistry and oxide layer stability among the treatment groups. 
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Figure 27: Average contact angles for all the conditions over time. Air treatment (top left), Forced oxidation (top 

right), Blocked passivation (bottom left), and Control (bottom right). For the Blocked passivation, the contact angle 

was measured on Day 1, after which the sample was stored in an anaerobic jar to halt passivation; the final contact 

angle was then recorded on Day 84. 

4.4.2 Optical Density (OD620) 

The final trial showed tightly grouped OD₆₂₀ values across the week (Appendix I), suggesting that 

the bacterial density remained constant.  

4.4.3 Quantitative Analysis of Surface Treatments  

The mean RFU values for each treatment group are presented below in Table 4. Raw data in 

Appendix H-Table H3. 

RFU data showed that the Control group had the highest level of biofilm formation, suggesting 

that untreated stainless steel is highly susceptible to microbial colonization. In contrast, the Air-

treated surfaces exhibited the lowest RFU values, indicating the most resistance to biofilm 

accumulation. Surfaces treated under Blocked and Forced conditions showed intermediate levels 

of biofilm formation, suggesting partial effectiveness in limiting biofilm development.  
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Table 4: Mean RFU values for Trial 7 including type of surface treatment and description. 

Surface Treatment Average RFU Surface Description 

Control 759.03 Untreated stainless steel 

Forced 421.72 Forced oxidation (aerobic + citric acid, 1 hr) 

Blocked 345.72 No oxide layer (anaerobic + citric acid, 20 min) 

Air 188.50 Natural oxide layer (aerobic + citric acid, 20 min) 

 

A one-way ANOVA (Appendix J-Table J7) was conducted to determine whether the observed 

differences in mean RFU values across the four treatment groups were statistically significant. The 

analysis revealed a significant effect of surface treatment on biofilm formation. 

This result indicates that at least one group mean differs significantly from the others, warranting 

further post hoc analysis. Tukey’s HSD test (Figure 28 and Appendix J-Table J8) was used for post 

hoc pairwise comparisons between treatment groups. A significant reduction in biofilm formation 

was observed on Air-treated surfaces compared to the Control (mean difference = 570.53, p = 

0.0186, 95% CI: 108.58–1032.47). No statistically significant differences were found among the 

other comparisons (Air vs Blocked, Air vs Forced, Blocked vs Control, Blocked vs Forced, Forced 

vs Control; p > 0.05), although some trends were noted. To further compare each treatment to the 

Control while minimizing family-wise error, Dunnett’s test was conducted. Only the Air treatment 

showed a significant difference (p = 0.0205), while Blocked (p = 0.2237) and Forced (p = 0.2752) 

treatments were not significantly different. 
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Figure 28: Post hoc Tukey’s HSD test results comparing biofilm formation among stainless steel surface treatments.  

These findings highlight the protective effect of natural oxidation against B. subtilis biofilm 

formation. The Air treatment, which enabled a naturally formed oxide layer under aerobic 

conditions, showed the most significant reduction in biofilm. In contrast, the Blocked treatment, 

which lacked an oxide layer due to anaerobic exposure, and the Forced treatment, did not 

significantly reduce biofilm formation. The Control surfaces exhibited the highest levels of 

biofilm, emphasizing the importance of surface oxidation in hygienic equipment design 

4.4.4 Qualitative Analysis of Biofilm Growth via Microscopy 

The following UV microscopic images (Figure 30) are based on the most biofilm growth from the 

RFU graph shown in Figure 29. The rods in which the coupons were screwed are: Forced 

oxidation: R1A, R1B, R1C, R2B, R4C, Air: R3A, R3B, R3C, R4A, R5B, Blocked: R4B, R5A, 

R6A, R6B, R6C, Control: R7B, R7C, R8A, R8B. All images can be found in Appendix H. 
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Figure29:RFU values for Trial 7. Top left (Blocked), top right (Forced oxidation), bottom left (Air), bottom right 

(Control) 

 

 

Figure30: UV images of Trial 7. From left to right, Blocked Sample 4-R6B, Forced oxidation Sample1-R1A, Air 

Sample 2-R3B, Control Sample 4-R8B. 

Upon visual inspection of the UV microscopic images, it can be said that blocked and control 

coupons had more biofilm than forced and air. 

5. Discussion 

This study evaluated how different surface treatments affect biofilm formation by Bacillus subtilis 

on stainless steel surfaces, focusing on the role of surface chemistry, oxide layer integrity, and 

procedural consistency. The results were obtained through controlled experiments using a CDC 

biofilm reactor, contact angle measurements, fluorescence quantification, and UV microscopic 

visualization. This discussion is organized chronologically based on experimental progression, 

first analyzing Trials 1 to 3, then Trial 4 as a troubleshooting phase, and finally Trials 5 to 7, where 

refined procedures lead to clearer insights. 
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5.1 Trials 1–3: Initial Conditions and Lack of Biofilm Formation 

In Trials 1 to 3, cleaning and polishing treatments were tested to assess their effect on bacterial 

adhesion to stainless steel surfaces. Contact angle measurements showed increased hydrophilicity 

after cleaning (Trial 1: from ~61° to ~51°) and increased hydrophobicity after polishing (Trials 2 

and 3: ~63°). OD620 values confirmed that Bacillus subtilis was metabolically active in all cases. 

However, RFU measurements and UV microscopy images failed to detect any significant surface 

biofilm across these trials. 

The absence of detectable biofilm on both treated and untreated coupons suggests that while B. 

subtilis remained viable in suspension, it did not adhere and transition to a sessile state. This aligns 

with Teh et al. (2015), who noted that increased surface hydrophilicity can reduce initial microbial 

adhesion by disrupting van der Waals and hydrophobic interactions. Additionally, Simões et al. 

(2010) emphasized that surface energy alone does not guarantee adhesion resistance, especially if 

residues or surface irregularities remain. The lack of visible biofilm may have also resulted from 

insufficient degreasing, which left organic residues masking key surface cues. According to Faille 

et al. (2002), such cues are essential for bacterial spores to initiate adhesion and matrix formation. 

In summary, Trials 1 to 3 indicated that surface treatments like cleaning and polishing alone are 

not sufficient to inhibit or promote B. subtilis biofilm formation. Instead, they highlighted the need 

for rigorous procedural consistency and careful control of surface chemistry. 

5.2 Trial 4: Troubleshooting and Methodological Validation 

Trial 4 aimed to confirm the reliability of the experimental procedures and investigate the prior 

lack of detectable biofilm. Protocol refinements included longer fixation (20 minutes), extended 

staining (60 minutes), and improved handling. However, degreasing remained brief and 

insufficient. Contact angle measurements (~50°) indicated consistent surface wettability across 

samples. OD620 values confirmed the viability of planktonic Bacillus subtilis cells. RFU analysis 

showed no statistically significant increase in surface-attached biofilm, but UV microscopy images 

detected sparse colonization. 

The presence of faint biofilm under UV imaging suggests that a longer incubation period (13 days) 

may have allowed for the initial stages of surface colonization, which standard RFU detection 

could not capture. This highlights the limitations of relying solely on fluorescence-based 

quantification in detecting early or minimal biofilm formation. Literature supports this 
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interpretation, Arampatzi et al. (2011) describes how heterogeneous surface energy can hinder 

bacterial adhesion, and Bridier et al. (2011) report that irregular oxide layers impair stable 

microbial anchoring. Overall, Trial 4 emphasized that while procedural improvements are 

important, effective biofilm detection and control require surface conditions that promote chemical 

uniformity and stability, goals not met by basic polishing or insufficient degreasing. 

5.3 Surface Preparation Matters More Than Texture: Role of 

Degreasing (Trial 5) 

Trial 5 addressed the methodological inconsistencies of earlier experiments by applying rigorous 

degreasing prior to polishing. This treatment significantly reduced the contact angle on polished 

coupons (~32°), indicating a shift toward more hydrophilic surface properties. Despite this, no 

statistically significant reduction in biofilm formation was observed, though RFU trends showed 

slightly lower values for degreased, polished surfaces compared to controls. 

Importantly, OD620 measurements confirmed active Bacillus subtilis growth in the reactor 

medium throughout the trial. However, visual inspection via UV microscopy and quantitative RFU 

analysis showed only minimal or inconsistent biofilm development on coupon surfaces, regardless 

of treatment. This suggests that while the bacteria remained viable in planktonic form, surface 

adhesion and maturation into a structured biofilm were either suppressed or failed to initiate. 

This outcome supports findings by Azeredo et al. (2017), who emphasized that surface 

contamination, such as oils or residues left from polishing, can obscure the true chemical nature 

of the material and hinder microbial adhesion. Degreasing improves experimental reproducibility 

by removing such contaminants and allowing accurate surface wettability measurements. Still, as 

Arampatzi et al. (2011) point out, early adhesion involves complex interactions, including 

hydrogen bonding and electrostatic forces, which may not be sufficiently disrupted by polishing 

and degreasing alone. 

Thus, Trial 5 demonstrates that surface preparation improves experimental control and may reduce 

biofilm variability, but it is not enough to consistently prevent biofilm formation unless paired with 

additional treatments like oxide layer stabilization. The findings also reinforce that B. subtilis 

biofilm initiation is more selective and dependent on surface cues than mere bacterial growth in 

the medium might suggest. 
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5.4 Polished + Passivated Surfaces Provide Moderate Improvement 

(Trial 6) 

In Trial 6, polished stainless-steel coupons were further treated with citric acid passivation to 

promote the formation of a stable chromium-rich oxide layer. Contact angle measurements showed 

minimal change pre- and post-passivation (from ~50.6° to 50.9°), indicating stable surface 

wettability. RFU results showed lower median values on the passivated surfaces compared to 

untreated controls, although the difference was not statistically significant. 

As in previous trials, OD₆₂₀ readings confirmed that B. subtilis was actively growing in the media, 

indicating the presence of viable planktonic cells. However, analysis at the coupon level revealed 

low and variable levels of surface-associated biofilm formation. Compared to non-passivated 

polished surfaces (Trial 5), the RFU data from passivated surfaces showed lower and more 

consistent biofilm levels. This suggests that citric acid passivation may reduce initial bacterial 

attachment or interfere with early matrix development, although it does not fully prevent sessile 

biofilm formation under the tested conditions. 

The slight improvement observed aligns with the known benefits of citric acid passivation. As 

described by CSI Designs (2020) and Best Technology (n.d-a.), citric acid selectively removes free 

iron while preserving chromium and nickel, allowing a uniform Cr₂O₃ oxide film to form. This 

passive layer enhances corrosion resistance and reduces microstructural sites that could trap 

nutrients or support bacterial adhesion. 

Nonetheless, Arampatzi et al. (2011) cautioned that even "inert" or passivated surfaces can 

accumulate extracellular polymeric substances (EPS) over time, providing a scaffold for eventual 

biofilm growth. Thus, while the passivation appears to stabilize the surface and reduce biofilm 

variability, it does not serve as a complete barrier, particularly in the presence of persistent or 

nutrient-rich environments like those simulated in the CDC biofilm reactor. 

5.5 Surface Oxide Quality Has the Strongest Effect (Trial 7) 

Trial 7 offered the clearest evidence of a treatment-dependent reduction in biofilm development. 

Air-oxidized coupons exhibited the lowest RFU values and significantly less biofilm (ANOVA p 

= 0.0207), despite having the highest contact angles (~66.2°) compared to other groups. 



52 
 

This result contrasts with the simplistic notion that hydrophilic surfaces always resist biofilms. 

According to Shih et al. (2004), oxide layers formed by natural exposure in air tend to be more 

uniform, denser, and richer in chromium oxides than those formed through forced oxidation or 

under anaerobic conditions. These layers enhance corrosion resistance and reduce reactivity, 

offering fewer sites for bacterial adhesion or electron exchange. 

In contrast, passivation-blocked surfaces (stored anaerobically) had more inconsistent oxide 

formation, while forced oxidation (higher heat, less oxygen) may have yielded thinner or iron-rich 

oxide layers prone to pitting. These conditions provide more redox-active or chemically 

heterogeneous sites, favorable for microbial colonization (Adams, 1983). 

Hence, the air-exposed group in Trial 7 benefited from both a chemically stable and physically 

passive oxide layer, which is consistent with findings from Zhang et al. (1998), who reported that 

stable oxide films can reduce adhesion by blocking microbial recognition or binding pathways. 

Across all trials, the findings demonstrate that surface chemistry and oxide layer composition, 

rather than just hydrophobicity or surface roughness, are key determinants of B. subtilis biofilm 

formation. The presence of a dense, uniform Cr₂O₃ oxide layer, achieved through air oxidation or 

citric acid passivation, was more effective at limiting biofilm than polishing alone. These results 

align with the broader literature: Vert et al. (2012) describe biofilms as highly adaptable structures 

that can colonize even inert surfaces unless specific chemical or structural barriers are present. 

Thus, a multipronged strategy, combining optimized surface chemistry, consistent passivation, and 

effective cleaning, is necessary to minimize biofilm risks in food processing environments. 

6. Conclusion 

This study investigated how different surface treatments, such as polishing, degreasing, citric acid 

passivation, and natural oxidation, affect the formation of Bacillus subtilis biofilms on stainless 

steel surfaces commonly used in the food and dairy industry. While these treatments significantly 

changed surface wettability, measured by water contact angle, their impact on biofilm formation 

was not consistent. Statistical analysis showed no clear correlation between increased 

hydrophilicity and reduced biofilm growth. 
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Among the treatments, naturally formed oxide layers were most effective in reducing biofilm 

accumulation, suggesting that the stability and chemical composition of the oxide layer play a 

more important role than surface roughness or smoothness alone. Citric acid passivation provided 

moderate improvement by creating a more uniform and chromium-rich oxide layer that partially 

inhibited bacterial attachment. Polishing by itself did not significantly reduce biofilm but, when 

combined with proper degreasing and passivation, showed somewhat lower and more consistent 

biofilm levels. 

These findings have practical implications for the food industry, indicating that improving surface 

chemistry, especially through natural oxidation and controlled passivation, can help control biofilm 

formation. However, relying solely on surface treatments is not sufficient, and integrated hygiene 

strategies remain crucial to ensure food safety and prevent microbial contamination. 

7. Future work 

Based on the outcomes and limitations of this study, the following future research directions are 

recommended: 

• Longer cultivation periods and higher inoculum concentrations could be tested to induce 

more robust biofilm growth and improve sensitivity in detecting surface-related effects. 

• Molecular analysis (e.g., qPCR or RNA-seq) of surface-adhered cells may uncover gene 

expression changes tied to surface treatments even in the absence of visible biofilm. 

• Testing with other biofilm-forming strains (e.g., Bacillus cereus or Listeria 

monocytogenes) could provide broader insights and compare surface susceptibility across 

species. 

• Exploration of additional surface finishes and coatings that are food grade, including 

antimicrobial layers may yield more pronounced differences in microbial attachment. 

• Techniques such as scanning electron microscopy (SEM) imaging, could better visualize 

the early attachment stages, microstructural evolution, and EPS development dynamics of 

biofilms, which may be subtle or transient. 
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• Simulation of real industrial cleaning-in-place (CIP) cycles might offer a more realistic 

evaluation of surface treatments under operational conditions. 
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Appendix 

This section contains all the raw data and UV images from all the Trials. UV images from Trial 

1,2,3 are not included due to no growth detection. 
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Appendix A: Pre-trial (Contact angle was not measured for this) 

UV microscopic images 
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Figure A1: 22 identical coupons investigated during the pre-trial. Coupons R4C and R5C fell from the rods after the 

reactor was autoclaved, hence it was not included in the final RFU measurement. 
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Table A1. Raw data for fluorescence measurements in Pre-trial. Coupons were measured before cultivation (Blank), 

after cultivation (Biofilm) and the Result is the difference between the two, i.e. only biofilm with subtracted 

background. Coupons R4C and R5C fell from the rods after the reactor was autoclaved, hence it was not included in 

the final RFU measurement. 

Sample 

ID Blank Biofilm Result 

R1A 220.1 216.1 -4 

R1B 210.6 229.2 18.6 

R1C 212.6 213.4 0.8 

R2A 208.4 366.1 157.7 

R2B 209.7 295.9 86.2 

R2C 223.3 284.1 60.8 

R3A 203.6 317.4 113.8 

R3B 201.2 340 138.8 

R3C 203.9 533.4 329.5 

R4A 243.7 570.9 327.2 

R4B 237.1 263.9 26.8 

R5A 227.2 241.4 14.2 

R5B 207.4 288.7 81.3 

R6A 229.9 288.4 58.5 

R6B 223.4 286.9 63.5 

R6C 228.2 294.9 66.7 

R7A 224.3 183.9 -40.4 

R7B 227.1 277.8 50.7 

R7C 206.6 270.1 63.5 

R8A 226.1 374.7 148.6 

R8B 213.3 263.6 50.3 

R8C 183.2 320.4 137.2 

 

Appendix B: Trial 1  

The UV microscopic images are not included as no biofilms can be seen on the surface of the 

coupons. 

Contact Angle from Trial 1 

Table B1: Contact angle measurements from Trial 1 were taken on both sides of the coupons treated with water and 

heat, prior to cleaning with acid and lye. A total of six coupons were measured using a droplet volume of 4 μL to 

determine the average contact angle, standard deviation (SD), and coefficient of variation (CV). 

Water+Heat (Before acid and lye)     

        

Test Angle [deg] 

Volume 

[uL] Test 

Angle 

[deg] Volume [uL] 

1 60.13 3.962  1 54.92 4.023  
2 60.37 4.371  2 59.63 4.038  
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3 59.64 4.039  3 57.1 3.996  
4 57.19 3.965  4 53.83 2.553  
5 65.46 3.917  5 60.99 4.13  
6 65.79 4.258  6 65.84 4.263  

        
Average 61.43   Average 58.72   
SD 3.441   SD 4.417   
CV% 5.6   CV% 7.52   

 

Table B2: Contact angle measurements from Trial 1 were taken on both sides of the coupons treated with water, prior 

to cleaning with acid and lye. A total of six coupons were measured using a droplet volume of 4 μL to determine the 

average contact angle, standard deviation (SD), and coefficient of variation (CV). 

Water (Before acid and lye)      

        

Test Angle [deg] Volume [uL] Test 

Angle 

[deg] Volume [uL] 

1 56.04 4.303  1 60.75 4.022  
2 66.95 3.714  2 62.46 4.191  
3 60.25 4.099  3 60.13 4.259  
4 63.72 4.141  4 65.65 4.022  
5 63.59 4.172  5 57.64 4.345  
6 66.6 4.025  6 60.68 3.89  

        
Average 62.86   Average 61.22   
SD 4.13   SD 2.67   
CV% 6.57   CV% 4.36   

 

Table B3: Contact angle measurements from Trial 1 were taken on both sides of the blocked coupons, prior to cleaning 

with acid and lye. Six coupons were measured using a droplet volume of 4 μL to calculate the average contact angle, 

standard deviation (SD), and coefficient of variation (CV). 

Block (Before lye and acid)      

        

Test Angle [deg] Volume [uL] Test 

Angle 

[deg] Volume [uL] 

1 57.21 3.967  1 60.44 4.204  
2 52.32 3.844  2 58.13 4.267  
3 52.28 4.154  3 56.39 4.09  
4 60.2 3.969  4 58.05 3.846  
5 54.64 3.916  5 55.8 2.356  
6 51.84 3.912  6 60.81 4.155  

        
Average 54.75   Average 58.27   
SD 3.355   SD 2.042   
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CV% 6.13   CV% 3.51   
 

Table B4: Contact angle measurements from Trial 1 control coupons. A total of six coupons were measured using a 

droplet volume of 4 μL to determine the average contact angle, standard deviation (SD), and coefficient of variation 

(CV). 

Control coupons   

Test 

Angle 

[deg] Volume [uL] 

1 65.45 4.046  
2 61.85 4.001  
3 60.15 4.261  
4 61.05 3.842  
5 62.1 4.111  
6 57.95 3.718  

    
Average 61.42   
SD 2.476   
CV% 4.03   

 

Table B5: Contact angle measurements from Trial 1 were taken on both sides of the coupons treated with water and 

heat, after cleaning with lye. A total of six coupons were measured using a droplet volume of 4 μL to determine the 

average contact angle, standard deviation (SD), and coefficient of variation (CV). 

Water+heat (After Lye)      
        

Test 

Angle 

[deg] Volume [uL] Test 

Angle 

[deg] Volume [uL] 

1 44.15 3.72  1 56.48 3.778  
2 45.53 3.971  2 42.98 3.77  
3 52.2 3.948  3 63.49 3.903  
4 40.36 3.761  4 53.87 4.037  
5 46.92 4.085  5 54.4 4.255  
6 48.87 3.916  6 55.78 4.028  

        
Average 46.34   Average 54.5   
SD 4.058   SD 6.626   
CV% 8.76   CV% 12.16   

 

Table B6: Contact angle measurements from Trial 1 were taken on both sides of the coupons treated with water and 

heat, after cleaning with acid. A total of six coupons were measured using a droplet volume of 4 μL to determine the 

average contact angle, standard deviation (SD), and coefficient of variation (CV). 

Water+Heat (After Acid)      

        

Test Angle [deg] Volume [uL] Test 

Angle 

[deg] Volume [uL] 
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1 54.83 3.974  1 54.75 4.006  
2 45.94 4.053  2 57.51 4.037  
3 53.83 3.994  3 51.38 3.943  
4 51.7 3.71  4 52 3.852  
5 49.91 4.023  5 55.66 4.18  
6 53.48 3.616  6 56.87 3.854  

        
Average 51.61   Average 54.7   
SD 3.281   SD 2.523   
CV% 6.36   CV% 4.61   

 

Table B7: Contact angle measurements from Trial 1 were taken on both sides of the coupons treated with water, after 

cleaning with lye. A total of six coupons were measured using a droplet volume of 4 μL to determine the average 

contact angle, standard deviation (SD), and coefficient of variation (CV). 

Water (After lye)       

        

Test 

Angle 

[deg] Volume [uL] Test 

Angle 

[deg] Volume [uL] 

1 44.89 3.622  1 58.92 4.136  
2 46.18 3.895  2 54.77 4.049  
3 51.53 4.439  3 56.63 3.911  
4 59.75 4.008  4 54.49 4.1  
5 48.32 4.008  5 51.34 3.824  
6 53.57 3.929  6 58.07 4.135  

        
Average 50.71   Average 55.7   
SD 5.489   SD 2.765   
CV% 10.82   CV% 4.96   

 

Table B8: Contact angle measurements from Trial 1 were taken on both sides of the coupons treated with water, after 

cleaning with acid. A total of six coupons were measured using a droplet volume of 4 μL to determine the average 

contact angle, standard deviation (SD), and coefficient of variation (CV). 

Water (After acid)       

        

Test 

Angle 

[deg] Volume [uL] Test 

Angle 

[deg] Volume [uL] 

1 57.12 4.08  1 55.16 3.928  
2 50.23 4.134  2 52.79 3.852  
3 52.71 3.883  3 57.46 4.032  
4 52.71 4.038  4 48.96 3.85  
5 56.72 4  5 53.13 3.963  
6 47.22 4.005  6 55.46 3.761  
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Average 52.78   Average 53.83   
SD 3.788   SD 2.93   
CV% 7.18   CV% 5.44   

 

Table B9: Contact angle measurements from Trial 1 were taken on both sides of the blocked coupons, after cleaning 

with lye. Six coupons were measured using a droplet volume of 4 μL to calculate the average contact angle, standard 

deviation (SD), and coefficient of variation (CV). 

Block (After lye)       

        

Test 

Angle 

[deg] Volume [uL] Test 

Angle 

[deg] Volume [uL] 

1 52.13 3.713  1 53.51 4.08  
2 59.75 3.885  2 52.46 3.21  
3 56.22 3.832  3 43.88 3.168  
4 56.37 3.807  4 54.96 4.027  
5 56.16 3.985  5 55.26 3.82  
6 54.71 3.469  6 46.86 3.784  

        
Average 55.89   Average 51.15   
SD 2.485   SD 4.69   
CV% 4.45   CV% 9.17   

 

Table B9: Contact angle measurements from Trial 1 were taken on both sides of the blocked coupons, after cleaning 

with acid. Six coupons were measured using a droplet volume of 4 μL to calculate the average contact angle, standard 

deviation (SD), and coefficient of variation (CV). 

Block (After acid)       

        

Test 

Angle 

[deg] Volume [uL] Test 

Angle 

[deg] Volume [uL] 

1 54 3.971  1 46.61 4.479  
2 51.51 4.072  2 63.05 4.075  
3 52.04 4.128  3 56.17 3.946  
4 60.53 4  4 51.54 4.235  
5 53.72 4.022  5 46.88 4.234  
6 53.74 4.024  6 54.97 3.988  

        
Average 54.26   Average 53.2   
SD 3.24   SD 6.245   
CV% 5.97   CV% 11.74   

 

Table B10: Contact angle measurements from Trial 1 were taken on both sides of the coupons treated with water, after 

heat was applied. A total of six coupons were measured using a droplet volume of 4 μL to determine the average 

contact angle, standard deviation (SD), and coefficient of variation (CV). 
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Water+Heat (After Heat)      

        

Test Angle [deg] Volume [uL] Test 

Angle 

[deg] Volume [uL] 

1 47.71 3.945  1 57.45 3.909  
2 50.66 4.062  2 55.34 4.398  
3 51.83 4.028  3 42.98 3.77  
4 53.34 3.945  4 52.73 4.2  
5 59.3 3.924  5 60.83 3.987  
6 50.02 4.034  6 55.7 4.02  

        
Average 52.14   Average 54.17   
SD 3.979   SD 6.101   
CV% 7.63   CV% 11.26   

 

Table B11: Contact angle measurements from Trial 1 were taken on both sides of the coupons treated with water, after 

staying overnight in tap water. A total of six coupons were measured using a droplet volume of 4 μL to determine the 

average contact angle, standard deviation (SD), and coefficient of variation (CV). 

Water (After staying overnight in tap water)    

        

Test Angle [deg] 

Volume 

[uL] Test 

Angle 

[deg] Volume [uL] 

1 50.67 4.221  1 56.28 4.078  
2 49.84 4.054  2 42.75 3.992  
3 56.97 3.824  3 50.56 3.937  
4 57.44 3.908  4 54.53 4.064  
5 54.84 3.857  5 48.89 4.225  
6 45.95 3.588  6 49.15 4.174  

        
Average 52.62   Average 50.36   
SD 4.542   SD 4.775   
CV% 8.63   CV% 9.48   

 

Relative Fluorescence Unit (RFU) of Trial 1 

Table B12. Raw data for fluorescence measurements in Trial 1. Coupons were measured before cultivation (Blank), 

after cultivation (Biofilm) and the Result is the difference between the two, i.e. only biofilm with subtracted 

background. Coupon R5C fell from the rods after the reactor was autoclaved, hence it was not included in the final 

RFU measurement. 

Sample 

ID Blank Biofilm Result 

R1A 238.9 214.3 -24.6 

R1B 212.9 263.2 50.3 

R1C 231.1 202.9 -28.2 
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R2A 221.4 206 -15.4 

R2B 214.3 192.6 -21.7 

R2C 230 179.9 -50.1 

R3A 211.2 230 18.8 

R3B 202.9 178.7 -24.2 

R3C 219.8 232.8 13 

R4A 267.8 400 132.2 

R4B 273.2 188.3 -84.9 

R4C 248.2 206 -42.2 

R5A 240.9 266.8 25.9 

R5B 234.2 225.1 -9.1 

R6A 232.4 331.4 99 

R6B 268.8 300.7 31.9 

R6C 206.2 211.4 5.2 

R7A 230.6 262.9 32.3 

R7B 207.1 313.2 106.1 

R7C 226.7 203.4 -23.3 

R8A 205.9 285.6 79.7 

R8B 220.1 229.2 9.1 

R8C 205.6 360.1 154.5 

 

Appendix C: Trial 2 

Contact angles for Trial 2 

Table C1: Contact angle measurements from Trial 2  for polished coupons A total of 12 coupons were measured using 

a droplet volume of 4 μL to determine the average contact angle, standard deviation (SD), and coefficient of variation 

(CV).                                 

Polished coupons   

    

Test 

Angle 

[deg] Volume [uL] 

1 53.04 3.994  
2 48.42 3.833  

  3 61.5 2.455  
4 85.32 3.996  
5 71.75 3.293  
 6 49.65 3.92  
7 40.69 4.04  
8 64.35 2.596  
9 68.64 3.998  

10 79.95 3.819  
11 67.64 3.992  
12 68.92 3.592  
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Average 63.32   
SD 13.28   
CV% 20.98   

 

Table C2: Contact angle measurements from Trial 2 for control coupons A total of 12 coupons were measured using a 

droplet volume of 4 μL to determine the average contact angle, standard deviation (SD), and coefficient of variation 

(CV).                                 

Control coupons   

    

Test 

Angle 

[deg] Volume [uL] 

1 52.78 4.046  
2 46.09 4.416  
3 47.25 4.198  
4 52.77 3.889  
5 57.38 3.902  
6 49.55 3.947  
7 57.95 4.123  
8 53.79 4.029  
9 53.33 3.79  

10 55.6 4.05  
11 53.72 4.063  
12 53.51 3.922  

    
Average 52.81   
SD 3.624   
CV% 6.86   

 

Relative Fluorescence Unit (RFU) of Trial 2 

Table C3. Raw data for fluorescence measurements in Trial 2. Coupons were measured before cultivation (Blank), 

after cultivation (Biofilm) and the Result is the difference between the two, i.e. only biofilm with subtracted 

background. Coupon R5C fell from the rods after the reactor was autoclaved, hence it was not included in the final 

RFU measurement 

Sample 

ID Blank Biofilm Result 

R1A 243.7 264.1 20.4 

R1B 256.1 248.8 -7.3 

R1C 249.9 255.9 6 

R2A 271.8 270.6 -1.2 

R2B 252.6 336.2 83.6 

R2C 260.8 250.6 -10.2 

R3A 207 209 2 
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R3B 253 246.4 -6.6 

R3C 266.6 262.7 -3.9 

R4A 267.2 275.3 8.1 

R4B 275 341.3 66.3 

R4C 253.2 262.6 9.4 

R5A 256 216 -40 

R5B 201.8 210.3 8.5 

R6A 234 266.6 32.6 

R6B 228.9 330.7 101.8 

R6C 231.7 298.9 67.2 

R7A 240 214 -26 

R7B 214.4 237.1 22.7 

R7C 252.2 206.8 -45.4 

R8A 241.9 219.3 -22.6 

R8B 201.2 208.3 7.1 

R8C 217.1 210.7 -6.4 

 

Appendix D: Trial 3 

Contact Angle measurements 

Table D1: Contact angle measurements from Trial 3 for polished coupons. A total of 12 coupons were measured using 

a droplet volume of 4 μL to determine the average contact angle, standard deviation (SD), and coefficient of variation 

(CV).                                 

Polished coupons   

    

Test 

Angle 

[deg] Volume [uL] 

1 46.45 4.704  
2 65.6 3.888  
3 48.48 3.988  
4 45.39 3.706  
5 50.45 3.812  
6 42.21 3.235  
7 50.27 3.832  
8 47.02 3.91  
9 64.39 4.031  

10 47.12 3.739  
11 53.67 3.9  
12 64.79 3.984  

    
Average 52.15   
SD 8.209   
CV% 15.74   
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Table D2: Contact angle measurements from Trial 3  for control coupons. A total of 12 coupons were measured using 

a droplet volume of 4 μL to determine the average contact angle, standard deviation (SD), and coefficient of variation 

(CV).                                 

Control coupons   

    

Test 

Angle 

[deg] Volume [uL] 

1 58.47 4.049  
2 45.94 3.763  
3 58.49 4.051  
4 61.51 3.763  
5 68.04 4.074  
6 61.77 3.993  
7 54.58 3.755  
8 58.31 3.791  
9 53.24 3.82  

10 65.35 4.037  
11 64.42 3.905  
12 69.57 3.864  

    
Average 59.97   
SD 6.673   
CV% 11.13   

 

Relative Fluorescence Unit (RFU) 

Table D3. Raw data for fluorescence measurements in Trial 3. Coupons were measured before cultivation (Blank), 

after cultivation (Biofilm) and the Result is the difference between the two, i.e. only biofilm with subtracted 

background. Coupon R5C fell from the rods after the reactor was autoclaved, hence it was not included in the final 

RFU measurement 

Sample 

ID Blank Biofilm Result 

R1A 234.2 205.3 -28.9 

R1B 254.3 267 12.7 

R1C 258.8 282.6 23.8 

R2A 257 258.2 1.2 

R2B 259.8 275.4 15.6 

R2C 266 289.6 23.6 

R3A 213.7 251.2 37.5 

R3B 238 228.3 -9.7 

R3C 268.2 284.4 16.2 

R4A 273.8 292.3 18.5 

R4B 263.3 287.9 24.6 
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R4C 255.2 271.6 16.4 

R5A 294.9 210.4 -84.5 

R5B 196.9 213.6 16.7 

R6A 206.3 234.6 28.3 

R6B 254.9 240.4 -14.5 

R6C 208.1 267.2 59.1 

R7A 207.6 226 18.4 

R7B 192.9 211.6 18.7 

R7C 195.8 243.6 47.8 

R8A 200.8 186 -14.8 

R8B 209.7 196 -13.7 

R8C 213.3 179.7 -33.6 

 

Appendix E: Trial 4 

Contact Angles measurement 

Table E1: Contact angle measurements from Trial 4 for control coupons. A total of 24 coupons were measured using 

a droplet volume of 4 μL to determine the average contact angle, standard deviation (SD), and coefficient of variation 

(CV). At first 12 coupons were measured then the rest 12 coupons were measured.                                 

Control coupons        

        

Test 

Angle 

[deg] Volume [uL] Test 

Angle 

[deg] Volume [uL] 

1 62.01 3.974  1 50.19 4.014  
2 57.79 4.024  2 52.24 3.541  
3 63.53 4.035  3 61.77 3.869  
4 63.09 3.95  4 59.16 3.951  
5 46.26 3.723  5 58.33 3.793  
6 56.64 3.911  6 48.21 3.703  
7 56.21 3.415  7 58.55 3.893  
8 51.21 4.003  8 56.43 4.388  
9 61.91 3.965  9 58.38 3.917  

10 64.44 4.036  10 51.91 3.88  
11 53.55 3.927  11 59.68 4.169  
12 58.36 3.795  12 64.08 4.089  

        
Average 57.92   Average 56.58   
SD 5.545   SD 4.874   
CV% 9.57   CV% 8.61   

 

Relative Fluorescence Unit (RFU) 
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Table E2. Raw data for fluorescence measurements in Trial 4. Coupons were measured before cultivation (Blank), 

after cultivation (Biofilm) and the Result is the difference between the two, i.e. only biofilm with subtracted 

background. ^ coupons were fixed for 20min, 6 coupons were stained for 1hr, 7 coupons were fixed for 10min, stained 

for 30min (general protocol) and the rest 5 coupons were fixed for 10min and stained for 30min but they fell from the 

rods during autoclave. 

Fixed 20min    Stained 1hr    
Sample 

ID Blank Biofilm Result  

Sample 

ID Blank Biofilm Result  
R1A 198.8 1139.3 940.5  R3A 223.4 3392.1 3168.7  
R1B 193.9 954.1 760.2  R3B 183.6 1609.8 1426.2  
R1C 220.2 350.4 130.2  R3C 212 1203.3 991.3  
R2A 204.8 1783.3 1578.5  R4A 274.3 1788 1513.7  
R2B 217.8 1900.3 1682.5  R4B 220 1496.1 1276.1  
R2C 199.1 2127.7 1928.6  R4C 200.2 1426 1225.8  

          
Fixed 10min stained 

30min(General protocol)   Fallen coupons (Fixed 10min, Stained 30min) 

Sample 

ID Blank Biofilm Result  

Sample 

ID Blank Biofilm Result  
R5A 194.9 856.8 661.9  R7B 204.3 1456.7 1252.4  
R5B 195.3 1467.1 1271.8  R7C 215.7 944.4 728.7  
R5C 212.2 1087.2 875  R8A 213 1072.9 859.9  
R6A 237.6 1408.6 1171  R8B 208 893.4 685.4  
R6B 215.6 1524.2 1308.6  R8C 229 750.1 521.1  
R6C 208.1 603.9 395.8       
R7A 199.9 960.3 760.4       

 

UV Microscopic Images 

 

Figure E1: UV images of coupons from Trial 4 that were Fixed for 20min. 

 

 

 

 

R1A R1B R1C R2A 
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Figure E2: UV images of coupons from Trial 4 that were Stained for 1hr 

  

 

 

 

 

 

 

 

 

 

 

 

 

Figure E3: UV images of coupons from Trial 4 that were Fixed for 10min and Stained for 30min (general protocol) 

 

  

 

 

 

 

 

Figure E4: UV images of coupons from Trial 4 that fell from the rods and were Fixed for 10min and Stained for 30min 

(general protocol). 

Appendix F: Trial 5 

R3B R3C R4B R4C 

R5A R5C R6A 

R6C R7A 

R7C R8B R8C 
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Contact angle measurements 

Table F1: Contact angle measurements from Trial 5 for polished coupons (1-hour degrease) and control coupons (1-

hour degrease). A total of 12 coupons were measured using a droplet volume of 4 μL to calculate the average contact 

angle, standard deviation (SD), and coefficient of variation (CV). Six coupons were polished and degreased for 1 hour, 

and six control coupons were degreased for 1 hour. 

Polished (Degreased for 1hr)  Control (degreased for 1hr)  

        

Test 

Angle 

[deg] Volume [uL] Test Angle [deg] Volume [uL] 

1 24.57 0.1237  1 43.47 3.858  
2 47.83 3.92  2 41.11 3.948  
3 41.06 3.602  3 39.34 3.951  
4 52.91 3.864  4 47 4.057  
5 15.88 0.01308  5 49.38 3.818  
6 42.09 3.779  6 41.73 3.843  

        
Average 37.39   Average 43.67   
SD 14.23   SD 3.817   
CV% 38.06   CV% 8.74   

 

Table F2: Contact angle measurements from Trial 5 for polished coupons (few sec degrease) and control coupons (few 

sec degrease). A total of 12 coupons were measured using a droplet volume of 4 μL to calculate the average contact 

angle, standard deviation (SD), and coefficient of variation (CV). Six coupons were polished and degreased for few 

seconds, and six control coupons were degreased for few seconds. 

Polished (few seconds degrease) Control (Few seconds degrease) 

        

Test Angle [deg] 

Volume 

[uL] Test Angle [deg] 

Volume 

[uL] 

1 15.92 0.02251  1 54.44 4.095  
2 39.66 4.093  2 51.62 4.084  
3 15.26 11.04  3 43.45 4.219  
4 36.38 3.672  4 43.81 3.966  
5 43.98 4.131  5 48.06 4.21  
6 42.34 4.089  6 52.95 3.868  

        
Average 32.26   Average 49.05   
SD 13.17   SD 4.705   
CV% 40.82   CV% 9.59   

 

Relative Fluorescence Unit (RFU) 

Table F3. Raw data for fluorescence measurements in Trial 5. Coupons were measured before cultivation (Blank), 

after cultivation (Biofilm) and the Result is the difference between the two, i.e. only biofilm with subtracted 

background. 6 coupons were polished and degreased for 1hr and 6 control coupons were degreased for 1hr. 
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Polished (1hr degrease)   Control (1hr degrease)  
Sample 

ID Blank Biofilm Result  

Sample 

ID Blank Biofilm Result 

R1A 239.1 424.4 185.3  R7A 214.3 379.9 165.6 

R1B 234.3 410.2 175.9  R7B 189.1 362.8 173.7 

R1C 248.9 1280.2 1031.3  R7C 199.1 395.7 196.6 

R2A 248.1 337.6 89.5  R8A 196.7 449.9 253.2 

R2B 228.4 535.3 306.9  R8B 232.6 545.9 313.3 

R2C 238.4 485 246.6  R8C 212.7 432.1 219.4 

 

Table F4. Raw data for fluorescence measurements in Trial 5. Coupons were measured before cultivation (Blank), 

after cultivation (Biofilm) and the Result is the difference between the two, i.e. only biofilm with subtracted 

background. 6 coupons were polished and degreased for few seconds and 6 control coupons were degreased for few 

seconds. 

Polished (degreased few seconds)  Control (degreased few seconds) 

Sample ID Blank Biofilm Result  Sample ID Blank Biofilm Result 

R3A 235.4 468 232.6  R5A 223 256.6 33.6 

R3B 235.8 518.8 283  R5B 181.7 580.9 399.2 

R3C 221.8 415.2 193.4  R5C 203.3 607.7 404.4 

R4A 245 372.1 127.1  R6A 203.4 509.6 306.2 

R4B 239 262.8 23.8  R6B 206.4 1008.8 802.4 

R4C 254.3 1193.8 939.5  R6C 218.2 360.2 142 

 

UV Microscopic images 
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R2B R2C 
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Figure F1: UV images of polished coupons that were degreased for 1hr 

 

 

 

 

Figure F2: UV images of control coupons that were degreased for 1hr 
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Figure F3: UV images of polished coupons that were degreased for few seconds 

 

 

  

 

Figure F4: UV images of control coupons that were degreased for a few seconds 

Appendix G: Trial 6 

Contact angle measurements 

Table G1: Contact angle measurements from Trial 6 for polished before passivation and control coupons. A total of 

24 coupons were measured using a droplet volume of 4 μL to determine the average contact angle, standard 

deviation (SD), and coefficient of variation (CV). 12 coupons were polished before passivation and 12 control 

coupons were measured. 

Polished (before passivation)  Control    

        

Test Angle [deg] Volume [uL] Test 

Angle 

[deg] Volume [uL] 

1 47.97 4.086  1 41.25 4.107  
2 53.49 3.805  2 52.99 4.027  
3 43.22 3.557  3 57.17 3.963  
4 46.52 4.348  4 48.82 4.256  
5 59.27 4.387  5 51.38 4.298  
6 48.44 4.175  6 50.79 4.234  
7 56.78 3.885  7 51.33 4.133  
8 51.96 3.588  8 52.22 3.989  
9 50.28 4.179  9 52.39 3.967  

R5A R5B R5C 

R6A R6C 
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10 45.65 3.804  10 50.61 4.096  
11 53.51 3.656  11 56.7 4.039  
12 50.06 4.195  12 50.51 4.447  

        
Average 50.6   Average 51.35   
SD 4.667   SD 4.011   
CV% 9.22   CV% 7.81   

 

Table G2: Contact angle measurements from Trial 6 for polished after passivation. A total of 12 coupons were 

measured using a droplet volume of 4 μL to determine the average contact angle, standard deviation (SD), and 

coefficient of variation (CV).  

Polished (after passivation)  

    
Test Angle [deg] Volume [uL] 

1 48.8 4.098  
2 45.37 4.215  
3 54.92 4.023  
4 43.69 4.172  
5 50 4.032  
6 51.23 3.702  
7 42.98 4.128  
8 47.59 4.158  
9 61.46 3.639  

10 51.77 3.754  
11 54.8 4.051  
12 58.25 4.237  

    
Average 50.9   
SD 5.715   
CV% 11.23   

 

Table G3. Raw data for fluorescence measurements in Trial 6. Coupons were measured before cultivation (Blank), 

after cultivation (Biofilm) and the Result is the difference between the two, i.e. only biofilm with subtracted 

background. 12 polished coupons and 12 control coupons were measured. 

Polished (with passivation)   Control    

         

Sample ID Blank Biofilm Result  

Sample 

ID Blank Biofilm Result 

R1A 223.2 229.8 6.6  R5A 244.6 248.6 4 

R1B 246.8 462 215.2  R5B 201.8 795.6 593.8 

R1C 247.1 329.6 82.5  R5C 227.4 915.4 688 

R2A 257.2 492.1 234.9  R6A 201.2 355.3 154.1 
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R2B 253.2 316.2 63  R6B 241 352.7 111.7 

R2C 268.4 269.1 0.7  R6C 202.8 422.3 219.5 

R3A 210.1 225.4 15.3  R7A 193.9 282.2 88.3 

R3B 236.1 872.7 636.6  R7B 201.7 244.3 42.6 

R3C 268.1 307.6 39.5  R7C 201.2 344.7 143.5 

R4A 260.8 315.3 54.5  R8A 212.7 318.3 105.6 

R4B 262.2 305.1 42.9  R8B 183.6 475.2 291.6 

R4C 283.7 256.3 -27.4  R8C 198.9 229.9 31 

 

UV microscopic images 
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Figure G1: UV microscopic images of polished coupons with passivation. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure G2: UV microscopic images of control coupons 
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Appendix H: Trial 7 

Contact angle measurements 

Table H1: Contact angle measurements from Trial 7 for forced oxidation, air (Natural oxidation), and control 

coupons. A total of 18 coupons were measured using a 4 μL droplet volume to determine the average contact angle 

over a period of 84 days. 

Air Average  Forced Average  Control Average  Days 

30th Jan 45  30th Jan 47.97  30th Jan 51.11  1 

6th Feb 51  6th Feb 51.68  6th Feb 57.24  7 

14th Feb 53.68  14th Feb 53.84  14th Feb 60.25  14 

21st Feb 53.23  21st Feb 55.43  21st Feb 62.36  22 

28th Feb 57.3  28th Feb 57.61  28th Feb 63.9  29 

7th Mar 63.19  7th Mar 59.24  7th Mar 64.26  36 

14th Mar 64.11  14th Mar 56.5  14th Mar 60.24  43 

21st Mar 66.69  21st Mar 59.13  21st Mar 60.53  50 

28th Mar 60.34  28th Mar 55.44  28th Mar 55.59  57 

4th April 63.12  4th April 59.19  4th April 64.26  64 

11th April 62.73  11th April 60.18  11th April 66.13  71 

24th April 62.225  24th April 55.885  24th April 61.675  84 

 

Table H2: Contact angle measurements from Trial 7 for blocked passivation coupons. A total of 6 coupons were 

measured using a 4 μL droplet volume to determine the average contact angle. Measurements were taken on the first 

and last day of the trial; in the intervening period, the coupons were stored in an anaerobic jar. 

Blocked Average Days 

30th 

Jan 50.36 1 

24th 

April 57.74 84 

 

Relative Fluorescence Unit (RFU) 

Table H3. Raw data for fluorescence measurements in Trial 7. Coupons were measured before cultivation (Blank), 

after cultivation (Biofilm) and the Result is the difference between the two, i.e. only biofilm with subtracted 

background. 5 coupons were measured for blocked passivation, 5 for forced oxidation, 5 for air (natural oxidation), 

and 4 control coupons. The rest of the coupons fell from the rods during autoclave. 

Type of treatment 

Sample 

ID Blank Biofilm Result 

Blocked 

passivation R4B 200.1 306 105.9 

 R5A 167.4 491.2 323.8 

 R6A 217.7 602.1 384.4 
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 R6B 208.8 1011.3 802.5 

 R6C 209.7 321.7 112 

Forced oxidation R1A 200.1 881.9 681.8 

 R1B 179 538 359 

 R1C 204.4 539.2 334.8 

 R2B 169.2 753.9 584.7 

 R4C 222.3 370.6 148.3 

Air (natural 

oxidation) R3A 177.9 248 70.1 

 R3B 212.6 499.4 286.8 

 R3C 212 392.8 180.8 

 R4A 260.3 250.4 -9.9 

 R5B 213.4 566.6 353.2 

Control R7B 186.7 855.8 669.1 

 R7C 216.6 714 497.4 

 R8A 189.6 855 665.4 

 R8B 228.2 1432.4 1204.2 

 

UV microscopic images 

 

 

Figure H1: UV microscopic images of Blocked coupons (blocking passivation) 

 

R4B R5A R6C 

R1B R1C R4C 
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Figure H2: UV microscopic images of Forced oxidation coupons. 

  

Figure H3: UV microscopic images of Air (natural oxidation) coupons 

 

 

 

 

 

 

Figure H4: UV microscopic images of control coupons. 

 

Appendix I: OD620 for Pre-Trial, Trial 1,2,3,4,5,6 and 7 

 

R3A R3B R5B 

R7C R8A 
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Figure I1: OD620 measurements for all the trials showing the growth of Bacillus subtilis in the media during the 

trial in the CDC Biofilm Reactor. 

 

Appendix J: Statistical analysis and tables 
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Trial 1 

Table J1: Kruskal-Wallis test for non-parametric data 

 

Mann-Whitney U Test Results:  

• Water vs Control: p-value = 0.095238 (no significant difference) 

• Water + Heat vs Control: p-value = 0.69048 (no significant difference) 

• Block vs Control: p-value = 0.095238 (no significant difference) 

• Water vs Water + Heat: p-value = 0.54762 (no significant difference) 

• Water vs Block: p-value = 0.54762 (no significant difference) 

• Water + Heat vs Block: p-value = 0.42063 (no significant difference) 

Trial 5 

Table J2: Kruskal-Wallis test (non-parametric alternative) for Trial 5 confirmed non-significant differences across the four groups 
(p = 0.8542). 

 

Table J3: Comparison between RFU values of different degreasing times in Trial 5 

Group Mean RFU 

Polished (1 hr degreased) 339.25 

Control (1 hr degreased) 220.30 

Polished (few sec degreased) 299.90 
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Group Mean RFU 

Control (few sec degreased) 347.97 

 

Trial 6 

Table J4 showing the mean and median of RFU data for Trial 6 

Group Mean ± SD Median (IQR) n 

Polished + Passivated 126.52 ± 186.57 54.50 (IQR: 160.67) 11 

Control 206.14 ± 219.04 127.60 (IQR: 190.10) 12 

 

Table J5 showing the overall contact angle measurements with mean, standard deviation, minimum and maximum 

values for Trial 2,3,5,6 

Condition Mean (°) 
Std Dev 

(°) 
Min (°) Max (°) 

Trial 2 - Polished 63.32 12.72 40.69 85.32 

Trial 2 - Control 52.81 3.47 46.09 57.95 

Trial 3 - Polished 52.15 7.86 42.21 65.60 

Trial 3 - Control 59.97 6.39 45.94 69.57 

Trial 5 - Control (1hr degrease) 43.67 3.48 39.34 49.38 

Trial 5 - Polished (1hr degrease) 37.39 12.99 15.88 52.91 

Trial 5 - Control (few sec) 49.06 4.29 43.45 54.44 

Trial 5 - Polished (few sec) 32.26 12.02 15.26 43.98 

Trial 6 - Polished Before 

Passivation 
50.60 4.47 43.22 59.27 

Trial 6 - Polished After Passivation 50.90 5.47 42.98 61.46 
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Condition Mean (°) 
Std Dev 

(°) 
Min (°) Max (°) 

Trial 6 - Control (non-polished) 51.35 3.84 41.25 57.17 

 

Trial 4 

Table J6: One way ANOVA which showed no significant difference (p >0.05). 

 

Trial 7 

Table J7: One-way Anova showing p=0.0207 which is p<0.05. 

 

Table J8 shows the Tukey’s HSD analysis between different treatment groups. 

Comparison Mean Difference p-value 95% CI (Lower–Upper) 

Air vs Control 570.53 0.0135 108.58 – 1032.47 

Air vs Blocked 157.22 0.7291 Not significant 

Air vs Forced 233.22 0.4380 Not significant 

Blocked vs Control 413.31 0.0874 Not significant 

Blocked vs Forced 76.00 0.9571 Not significant 

Forced vs Control 337.31 0.1963 Not significant 

 


